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Abstract

Agricultural residues are readily available and inexpensive renewable resources that can be
used as raw materials for the production of value-added chemicals. The application of enzymes
to facilitate the degradation of agricultural residues has long been considered the most
environmentally friendly strategy for converting this material into good quality value-added
chemicals. However, agricultural residues are typically lignocellulosic in composition and
recalcitrant to enzymatic hydrolysis. Due to this recalcitrant nature, the complete degradation
of biomass residues requires the synergistic action of a broad range of enzymes. The
development and optimisation of synergistic enzyme cocktails is an effective approach for

achieving high hydrolysis efficiency of lignocellulosic biomass.

The aim of the current study was to evaluate the synergistic interactions between two termite
metagenome-derived feruloyl esterases (FAE6 and FAES) and endo-xylanases for the
production of hydroxycinnamic acids and xylo-oligosaccharides (XOS) from model substrates,
and untreated and pre-treated agricultural residues. Firstly, the two fae genes were
heterologously expressed in Escherichia coli, and the recombinant enzymes were purified to
homogeneity. The biochemical properties of the purified recombinant FAEs and xylanases
(XT6 and Xyn11) were then assessed to determine the factors which influenced their activities
and to select suitable operating conditions for synergy studies. An optimal protein loading ratio
of xylanases to FAEs required to maximise the release of both reducing sugar and ferulic acid
(FA) was established using 0.5% (w/v) insoluble wheat arabinoxylan (a model substrate). The
enzyme combination of 66% xylanase and 33% FAE (on a protein loading basis) produced the
highest amounts of reducing sugars and FA. The enzyme combination of XT6 (GH10 xylanase)
and FAES or FAEG liberated the highest amount of FA while a combination of Xynl1 (GH11
xylanase) and FAES or FAE6 produced the highest reducing sugar content.

The synergistic interactions which were established between the xylanases and FAEs were
further investigated using agricultural residues (corn cobs, rice straw and sugarcane bagasse).
The three substrates were subjected to hydrothermal and dilute acid pre-treatment prior to
synergy studies. It is generally known that, during pre-treatment, many compounds can be
produced which may influence enzymatic hydrolysis. The effects of these by-products were
assessed and it was found that lignin and its degradation products were the most inhibitory to
the FAEs. The optimised enzyme cocktail was then applied to 1% (w/v) of untreated and pre-

treated substrates for the efficient production of XOS and hydroxycinnamic acids. A significant



improvement in xylanase substrate degradation was observed, especially with the combination
of 66% Xynll and 33% FAE6 which displayed an improvement in reducing sugars of
approximately 1.9-fold and 3.4-fold for hydrothermal and acid pre-treated corn cobs (compared
to when Xynll was used alone), respectively. The study demonstrated that pre-treatment
substantially enhanced the enzymatic hydrolysis of corn cobs and rice straw. Analysis of the
hydrolysate product profiles revealed that the optimised enzyme cocktail displayed great

potential for releasing XOS with a low degree of polymerisation.

In conclusion, this study provided significant insights into the mechanism of synergistic
interactions between xylanases and metagenome-derived FAEs during the hydrolysis of
various substrates. The study also demonstrated that optimised enzyme cocktails combined
with low severity pre-treatment can facilitate the potential use of xylan-rich lignocellulosic

biomass for the production of valuable products in the future.
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Chapter 1: General introduction and literature review

1.1. Introduction

The abundance of lignocellulosic biomass on earth is of great interest for a wide range of
technologies that seek to produce bio-based fuels and value-added products (VAPs).
Lignocellulosic biomass is considered a promising alternative to fossil fuels because of its
renewable nature. Plant-derived materials, such as agricultural residues (cereal straw and
bagasse), forest residues (hardwoods and softwoods), various grasses, and municipal residues
(paper wastes) are among renewable biomass resources that are readily available and
inexpensive for use in the production of VAPs (Cotana et al., 2014; Yuan et al., 2018). The
major advantages of using lignocellulosic biomass as a feedstock for production of VAPs is
that it provides environmental benefits and does not compete with food production (Chandel
et al., 2018). A vast number of VAPs can be produced from refining lignocellulosic biomass,
and this is a demonstration of the enormous potential this source holds for driving society to

achieve a sustainable economy (Isikgor and Becer, 2015).

Various methods are available for the generation of products from lignocellulosic biomass, of
which thermo-chemical conversion methods such as gasification, pyrolysis combustion,
torrefaction and liquefaction have been intensely utilised (Chen et al., 2019). However, some
of these methods suffer disadvantages which include consumption of extensive amounts of
energy, formation of undesirable by-products and issues related to the environment. In this
regard, enzymatic conversion has emerged as a major technological platform as it offers several
advantages - such as environmental benefits, lower energy costs and the formation of less
undesirable by-products. Due to its structural complexity and heterogeneity, the efficient
enzymatic hydrolysis of lignocellulosic biomass requires the synergistic cooperation of several
enzymes (Van Dyk and Pletschke, 2012). It is necessary to understand the details of this
synergistic cooperation for formulating enzyme cocktails for the optimal production of VAPs.
The use of enzymes with novel properties in the development of more efficient and stable
enzymatic cocktails is also crucial in reducing the cost of the enzymes via lowering protein
loadings or achieving higher product to enzyme ratios for the hydrolysis of lignocellulosic

biomass.



1.2. Lignocellulosic biomass: composition and structure

Lignocellulose is a major structural component of plant cell walls and the precise chemical
composition of lignocellulosic materials vary greatly depending on the source of the plant
biomass. In general, lignocellulosic biomass is mostly composed of three major units, namely,
cellulose (40-60%), hemicellulose (20-35%) and lignin (15-40%) (Sharma et al., 2019;
Chandel et al., 2018; Ragauskas et al., 2014). Pectins, proteins, extractives and ash make up
the remaining fraction. Table 1 shows the typical chemical compositions of all three of these
components in various lignocellulosic biomasses from different plant sources. All these
components are strongly interconnected, forming an intricately linked network which
maintains the structural integrity of the plant cell wall and resist enzymatic attack. Cellulose
and hemicellulose are linked through hydrogen bonds, while lignin is covalently linked to
hemicellulose forming lignin-carbohydrate complexes (LCCs) (Giummarella et al., 2019). The

structure of major components of lignocellulosic biomass is presented in Figure 1.1.

Table 1.1: Type of lignocellulosic biomasses and their chemical composition (% w/w)

Lignocellulosic Cellulose Hemicellulose Lignin Reference

biomass
Agricultural Corn Cobs 32.56 38.42 15.59  (Aboagye et al.,
residues 2017)
Corn Stalks 40.45 20.66 19.75  (Aboagye et al.,
2017)
Barley Straw 35.40 28.70 13.10  (Liuetal., 2017)
Rice Straw 40 16 26 (Huang et al,
2016)
Rice Husks 40 16 26 (Daza Serna et al.,
2016)
Coffee grounds  33.10 30.03 2452  (Huang et al.,
2016)
Cotton stalk 50.42 15.64 1632  (Zhang et al,
2018)
Sorghum Straw  37.74 28.07 2148 (Dong et al.,
2019)




Sugarcane 42.19 27.60 21.56 (Rocha et al.,

Bagasse 2015)
Sugar beet pulp  29.09 25.92 3.91 (Senol et al.,
2019)
Wheat Straw 33.7 19.1 19.8 (Zheng et al.,
2018)
Grasses Bamboo 47.3 21.8 253 (Yuan et al.,
2017)
Switchgrass 31.8 25.0 31.2 (Bonfiglio et al.,
2019)
Miscanthus 45.7 19.6 322 (Soares Rodrigues
etal., 2016)

1.2.1. Cellulose

Cellulose, the most abundant lignocellulosic biomass polymer, consists of p-glucose units
connected to each other by -1, 4 glycosidic linkages, with the repeating unit of the chain being
the disaccharide, cellobiose. The linear cellulose polymers are linked together by parallel
intramolecular and intermolecular hydrogen bonds to form microfibrils, which group together
to constitute cellulose fibers (Robak and Balcerek, 2018). Cellulose usually consists of both
crystalline (highly ordered and difficult to degrade) and amorphous (less ordered) regions. The

polymer is further embedded in a lignocellulosic matrix.



Figure 1.1: Schematic structures of the main components of lignocellulose. For cellulose,
Glc (glucose) units linked by B-1, 4 glycosidic linkages are shown. For hemicellulose, a
structure of arabinoxylan is shown. The symbols are as follows; Xyl (xylose), Ara (arabinose),
FA (ferulic acid), the bonds are -1, 4 glycosidic linkages, ester linkages and diferulate bridges.
For lignin, the building blocks; Sinap (sinapyl alcohol), Conif (coniferyl alcohol), Coum (p-
coumaryl alcohol), as well as the bonds; (B-O-4 (B-ether), B-p resinol, 4-O-5 biphenyl ether
and B-5 phenylcoumaran), are shown (Adapted from Mota et al., 2018).

1.2.2. Hemicellulose

Hemicellulose is the second most abundant terrestrial polysaccharide in nature. It constitutes a
type of a heteropolysaccharide with a complex structure that is composed of pentoses (xylose
and arabinose), hexoses (mannose, glucose and galactose) and sugar acids (Saha, 2003). The
structure is not crystalline, and is, therefore, readily hydrolysed. Unlike cellulose,
hemicellulose has a degree of polymerisation (DP) in the range of 100-200 units (Mota et al.,
2018), as opposed to 500-1400 glucose units per polymer in cellulose. Hemicelluloses are

usually grouped into classes based on the main sugar residues present in the backbone, and



these include xyloglucans, xylans, mannans and glucomannans, and glucans (Scheller and

Ulvskov, 2010).

1.2.2.1. Xylan

The distribution of hemicellulose in plants varies greatly; hardwoods and grasses contain
xylans as the major hemicellulosic component, whereas mannans are more prevalent in
softwoods and some specialised structures such as fruits and seed endosperms. Among
hemicelluloses, xylan is the most abundant polysaccharide, its characteristic feature of which
is the backbone composed of xylose residues linked by B-1, 4 glycosidic bonds. The main chain
carries a variable number of substituents such as p-glucuronic acid, 4-O-methyl-p-glucuronic

acid, arabinofuranosyl units and O-acetyl groups.

Depending on the type of substituents, xylan can be classified into three subfamilies, namely,
glucuronoxylan (GX), arabinoglucuronoxylan (AGX) and arabinoxylan (AX). GX is mainly
found in hardwoods and is usually composed of a xylan backbone randomly substituted at O-
2 position of xylose residues by 4-O-methyl a-1, 2-p-glucuronic acid or a-p-glucuronic acid
(Ebringerova et al., 2005). It may also be found acetylated at O-3 and O-2 positions of xylose
residues (Biely, 2012). In contrast, the AGX main chain is substituted by 4-O-methyl a-(1—2)-
p-glucuronic acid and a-L-arabinofuranosyl units (Gatenholm and Tenkanen, 2003).
Hydroxycinnamic acids (i.e. ferulic acid and p-coumaric acid) can be linked by ester linkages
to arabinofuranosyl units (at the O-5 position). AX is the major non-starch polysaccharide
constituent of many cereal grains such as wheat, sorghum, bamboo, oats, rye, rice and
sugarcane (Peng and She, 2014; Revanappa et al., 2015; Stoklosa et al., 2019). The AX
backbone is typically substituted by mono- or di-a-L-arabinofuranosyl units which may further
be substituted by hydroxycinnamic acids at the O-5 position (Lagaert et al., 2014). The main
chain may also be substituted by acetyl groups in O-2 and O-3 positions.

The xylan rich lignocellulosic biomasses (corn cobs, rice straw, sugarcane bagasse, efc.) are
considered as the potential feedstocks for the production of VAPs. Considerable progress has
been made in the development of xylan-based products and their applications in a wide range
of industries. Some of the xylan-based chemical products have already found commercial
applications, and these include bioactive products (xylo-oligosaccharides), fermentation

products (xylitol, ethanol), packaging films and surfactants (Naidu et al., 2018).

Xylo-oligosaccharides (XOS) are the hydrolysis products of xylans with a DP ranging from 2

to 10, and the side groups present and their substitution pattern on the main chain vary greatly



depending on the raw materials used to generate the XOS (Samanta et al., 2015; Belorkar and
Gupta, 2016). It has been demonstrated that XOS have prebiotic properties as they selectively
enhance the growth of health promoting bacteria (Samanta et al., 2015; Saville and Saville,
2018). Besides prebiotic activity, XOS have been reported to possess several biological
benefits such as antioxidant activity, anti-inflammatory properties, prevention of diabetes and
neurotoxicity (Bhatia et al., 2019; Amorim et al., 2019). Another widely produced xylan-based
product is xylitol. It is used as a natural food sweeter, dental caries reducer, sugar substitute in
diabetic products, and ingredient in chewing gum. Xylitol can be produced by chemical and
biochemical processes from xylose which is recovered from xylan hydrolysis (Mohamad et al.,

2015).

1.2.3. Lignin

Lignin is the most abundant non-polysaccharide fraction of lignocellulosic biomass. It is an
extremely complex three-dimensional phenolic polymer composed of p-hydroxyphenyl (H),
guaiacyl (G) and syringyl (S) monomers which are derived from three p-hydroxycinnamyl
alcohols (p-coumary, conifery and sinaply) (Boerjan et al., 2003). The H, G and S monomers
are complexed by a variety of inter-unit linkages, namely, B-O-4 (B-ether), B-p resinol, B-5
phenylcoumaran and 4-O-5 biphenyl ether (Boerjan et al., 2003). The distribution of these
monomers may vary significantly depending on the plant species (Shigeto et al., 2017). Lignin
is responsible for the structural rigidity of the plant cell wall and the plant’s chemical resistance
against biological attack. Hemicellulose and lignin are believed to be covalently crosslinked
forming LCCs. The xylan-lignin complexes in commelinid monocots, such as grasses, are
influenced by hydroxycinnamic acids. It has been reported that hydroxycinnamic acids, most
especially ferulic acid, can dimerise with other ferulic acid molecules that are esterified in
arabinoxylan or can covalently link to the lignin by ether bonds (Terrett and Dupree, 2019;
Oliveira et al., 2019). These complexes contribute greatly to the recalcitrance of lignocellulosic

biomass and its bio-digestibility.

1.2.4. Plant cell wall phenolics

Plant phenolic compounds are secondary metabolites that can be broadly classified into simple
phenols and polyphenols. Their characteristic structural feature is a common aromatic ring with
one or more hydroxy groups (Khoddami et al., 2013). They consist of simple phenols, phenolic
acids, coumarins, lignins, lignans, tannins and flavonoids. Phenolic acids, characterised by a
carboxyl group linked to benzene ring, are one of the main class of phenolic compounds and

can be further divided into hydroxybenzoic acids (gallic, syringic and vanillic acids) and
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hydroxycinnamic acids (ferulic, p-coumaric, caffeic, chlorogenic and sinapic acids) (Durazzo

et al., 2019). Hydroxycinnamic acids along with lignins are the two major cell wall phenolics.

1.2.4.1. Hydroxycinnamic acids

Ferulic acid (FA) and p-coumaric acid (p-CA) are distributed widely throughout most
graminaceous plants such as wheat, pineapple, corn, rice, bamboo and oats (Kumar and Pruthi,
2014; Ferreira et al., 2018). FA is the most abundant hydroxycinnamic acid, it is present in
particularly high concentrations in numerous biomass sources such as maize bran (3000
mg/100 g), corn bran (2610-3300 mg/100 g), wheat bran (1358-2293 mg/100 g), beets (800
mg/100 mg) as well as in bamboo shoots (243.6 mg/100 g) (Paiva et al., 2013). They are usually
found covalently linked to the polysaccharides by ester bonds and with lignin by ether bonds,
playing a key role in cross-linking cell wall polymers. The chemical structures of FA and p-

CA are presented in Figure 1.2.

Figure 1.2: Chemical structure of hydroxycinnamic acid. (A) p-CA and (B) FA.

One of the most important roles of hydroxycinnamic acids is their ability to stop free radical
chain reactions, giving them their effective antioxidant activity. It has been reported that
stabilisation of free radicals mainly depends on the number of methoxy and hydroxy groups

attached to the phenyl ring (Aguilar-Hernandez et al., 2017).



1.2.4.2. Potential applications of hydroxycinnamic acids

Hydroxycinnamic acids have attracted a growing interest in the chemical, cosmetic, food,
health and pharmaceutical industries since they have been shown to be bioactive molecules,
possessing excellent biomedical benefits. FA and p-CA are well-known for their antioxidant
properties; they stabilise free radicals generated by ultraviolet (UV)-light and various metabolic
activities, thereby increasing protection against oxidative damage to biomolecules. Several
studies have reported that FA exhibited protective effects in organs of rats such as the brain,
kidney, intestine and liver, and these effects were attributed to the prevention of oxidative stress
(Mhillaj et al., 2018; Kelainy et al., 2019; Mahmoud et al., 2020). Among hydroxycinnamic
acids, p-CA exhibits lower antioxidant potency in single-component systems compared to
when used in complicated systems such as foods and cell lines (Pei et al., 2016). In addition to
their antioxidant properties, FA and p-CA have other biological activities, including
antimicrobial, anti-inflammatory, antivirus, antiplatelet aggregation, anti-arthritis activities,
antidiabetic, anticarcinogenic, hepatoprotective and neuroprotective effects (Kumar and Pruthi,

2014; Pei et al., 2016).

1.3. Biochemical conversion of lignocellulosic biomass
The bioconversion of lignocellulosic biomass to bio-based fuels and VAPs normally requires
multi-step processing that include pre-treatment, enzymatic hydrolysis and fermentation. The
pre-treatment step aims to disrupt the strongly interconnected structure of the holocellulose, a
cellulose—hemicellulose—lignin matrix, thereby increasing the surface area, reducing cellulose
crystallinity and enhancing bio-digestibility of the biomass (Behera et al., 2014; Rastogi and
Shrivastava, 2017). The schematic representation of pre-treatment is shown in Figure 1.4. The
pre-treated biomass is then further subjected to enzymatic hydrolysis for the conversion of
carbohydrate polymers to fermentable monosaccharides and bioproducts. The fermentation
step involves utilisation of monosaccharides (by an appropriate microbial system) produced
during the enzymatic hydrolysis to biofuels such as ethanol. Figure 1.3 below summarises the

bioconversion of biomass into biofuels and other VAPs.



Lignocellulosic biomass

Pre-treatment

Enzymatic hydrolysis

Fermentable sugars

Fermentation

Bioproducts (XOS, FA,

Biofuels (ethanol)
p-CA)

Figure 1.3: Overview of biochemical conversion of lignocellulosic biomass into value

added chemicals.

1.3.1. Pre-treatment of lignocellulosic biomass

Despite the huge potential in the valuable utilisation of lignocellulosic biomass via
bioconversion, the major challenge encountered is the complex structure and characteristics of
different biopolymers in the biomass. In this context, pre-treatment (Figure 1.4) is a significant
step for the improvement of bioconversion as it alters the native macromolecular structure of
biomass to be more susceptible to enzymatic hydrolysis. The relative chemical compositions
of various lignocellulosic biomasses are different, and it is, therefore, necessary to understand
the structure in order to select a suitable pre-treatment method. Pre-treatment methods are
generally categorised into different groups; physical (milling, grinding and chipping), physico-
chemical (hydrothermal, steam explosion, etc.), chemical (alkali, dilute acids and organic
solvents) and biological pre-treatments (Kumar and Sharma, 2017). In general, the pre-
treatment method selection is based on the following considerations: (a) the selected method
should minimise degradation of polysaccharides, (b) minimise the formation of degradation

products, (c) increase the production of desirable products and (d) be economically feasible



and environmental friendly (Chen et al., 2017, Kumar and Sharma, 2017; Singh, J. K. et al.,
2018).

Figure 1.4: Schematic representation of untreated and pre-treated lignocellulosic

biomass.

The choice of a pre-treatment strategy is very important and needs to be compatible with the
overall process. Generally, the main aim of a physical pre-treatment method is to break down
biomass size to increase the surface area, to decrease the DP and the crystallinity of the
cellulose, and one of the advantages of this type of pre-treatment is that it does not lead to the
generation of toxic side streams (da Silva et al., 2010; Barakat et al., 2014; Zubrowska-Sudol
and Walczak, 2014). Commonly used physical methods include milling (colloid milling,
vibratory mills, hammer mills and centrifugal mills), grinding, chipping and irradiation.
However, many of these methods are unlikely to be economically viable options because of
the high-energy requirement. One of the promising pre-treatment methods is biological pre-
treatment as it is considered as an efficient, eco-friendly and cheap alternative (Wan and Li,
2012; Wei et al.,, 2015). Biological pre-treatment is usually performed by employing
microorganisms such as bacteria (Actinomycetes) and fungi (white-rot fungus) (Rouches et al.,
2016; Amin et al., 2017; Chen et al., 2017). However, its disadvantages make it less attractive
for industrial purposes, which include long residence times of 10-14 days, necessity to maintain
sterile conditions and consumption of some fraction of the carbohydrates by the

microorganisms.
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Chemical and physico-chemical pre-treatments are widely used because they are more effective
and enhance the enzymatic degradation of biomass. The most commonly used chemical
methods are concentrated or dilute acid (sulfuric acid, hydrochloric acid and acetic acid) and
alkali (sodium hydroxide, potassium hydroxide, lime, aqueous ammonia and hydrogen
peroxide) (Behera et al., 2014; Kim et al., 2016; Solarte-Toro et al., 2019). The category of
physico-chemical methods includes steam explosion, liquid hot water, wet oxidation,
organosolv, ammonia fibre explosion and carbon dioxide explosion (Kumari and Singh, 2018;
Kumar et al., 2020). These varied processes have different impacts on the structure of the
biomass after processing. Acid pre-treatments usually alter the structure of lignin by
solubilising acid soluble lignin and the hemicellulosic fraction of the biomass. Unlike acid
treatment, alkali treatments remove lignin by breaking acetyl groups and various ester linkages
between lignin and hemicellulose, improving access of the enzyme for hydrolysis in the
subsequent steps. The physico-chemical methods combine high temperature, pressure and
some chemicals for the efficient disruption of the recalcitrant structure of biomass to facilitate

the access of enzymes in the subsequent biomass processing step.

Despite the effect of the pre-treatment combating lignocellulose recalcitrance and increasing
the rate and extent of enzymatic hydrolysis of the raw material, different methods have different
advantages and disadvantages. Alkaline treatments are comparatively more effective in
applications that require highly efficient removal of lignin and a variety of uronic acid
substitutions on hemicellulose (Shahabazuddin et al., 2018). A significant disadvantage of
alkaline pre-treatment is the introduction of large amounts of salts into biomass and the high
cost of the chemicals. Acid treatment is responsible for exposing cellulose to enzymatic
hydrolysis via solubilisation of the hemicellulose component. Several studies have
demonstrated that the use of dilute acid can greatly enhance the production of reducing sugars
from pre-treated biomass (Tao et al., 2017; Sahoo et al., 2018). However, harsh operating acid
conditions can lead to the production of undesirable compounds, namely, furfural and 5-
hydroxymethyl furfural, which have a negative impact on enzymatic hydrolysis (Kucharska et

al., 2018) and fermentation of sugars.

Steam explosion and liquid hot water (hydrothermal) are physico-chemical methods, which are
most widely employed for treating the biomass. During steam explosion, lignocellulosic
materials are treated by pressurised steam in a temperature range of 160-270°C for a few
seconds to few minutes. Various lignocellulosic materials such as wheat straw, sugarcane

bagasse and Miscanthus have been treated using this method (Bruno et al., 2016; Ivo et al.,
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2016; Carvalho et al., 2018). In contrast to steam explosion, liquid hot water employs high
temperature and pressure to keep the water in a liquid state which leads to disruption of the
structure of biomass. Different reports suggest that it can be an effective pre-treatment
technique for a variety of agricultural residues (Chandra et al., 2012; Kumari and Singh, 2018).
Steam explosion and liquid hot water are advantageous because they are usually performed in
the absence of any chemical or catalyst, which makes them an eco-friendly and cost-effective

method.

To overcome some of the limitations mentioned above, a combination of two or more methods
for improving the pre-treatment process is usually utilised. For example, Wen et al. (2011)
investigated the application of dilute acid in combination with steam explosion pre-treatment
of rice straw for maximizing xylose yield and reducing the production of inhibitors. In another
study, dilute acid and alkaline wet oxidation of corn stover was investigated by An et al. (2018).
The method showed significant improvements in sugar recovery and lignin removal. Several
combinations have been studied and the results obtained from these experiments display an

increased efficiency of production and shorter processing time (Kumari and Singh, 2018).

1.3.2. Enzymatic hydrolysis of lignocellulosic biomass

The complete enzymatic hydrolysis of lignocellulosic biomass requires a variety of enzymes,
including cellulases, hemicellulases and oxidative enzymes (of which most of them are
involved in the degradation of lignin). Enzymes involved in complex polysaccharide
deconstruction and modification are collectively known as Carbohydrate-Active EnZymes
(CAZymes) and are classified into several enzyme classes, namely, glycoside hydrolases
(GHs), glycosyl transferases (GTs), polysaccharide lyases (PL), carbohydrate esterases (CE),
and auxiliary activities (AA) (Lombard et al., 2014).

Cellulose, the major polysaccharide within plant cell walls, is degraded by cellulases;
endoglucanases (EG, EC 3.2.1.4), exoglucanases, including both cellobiohydrolases (CBH) I
and II (CBHs, EC 3.2.1.91 and EC 3.2.1.176), and (3) B-glucosidases (EC 3.2.1.21). EGs
internally cleave glycosidic bonds in the amorphous regions of cellulose thereby creating new
ends for CBHs to bind to. CBHs act processively along the crystalline portion of cellulose
releasing cellobiose as a major product from the reducing (CBHI) or nonreducing ends
(CBHII), whereas [-glucosidases ultimately hydrolyse cellobiose to release glucose,
completing the hydrolysis of cellulose (Kubicek and Kubicek, 2016; Srivastava et al., 2018). It

has been reported that a group of enzymes under the AA families, namely, lytic polysaccharide
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monooxygenases (LPMOs) are able to facilitate the cleavage of glycosidic bonds of cellulose

chains through an oxidative mechanism (Ezeilo et al., 2017).

The hemicellulosic component of plant cell walls is much more heterogenous and, therefore,
its degradation demands the action of several types of enzymes. Depending on the main sugar
residues present in the backbone, the enzymatic machinery required might be xylanolytic or
mannanolytic as well as accessory enzymes. Hemicellulose degradation requires two different
groups of enzymes: depolymerising enzymes which are responsible for hydrolysing glycosidic
linkages in the main chain and debranching enzymes that remove substituent from the main
chain (Van Dyk and Pletschke 2012; Malgas et al., 2019). Lignin degradation is mainly
accomplished by enzymes belonging to AA families which include manganese-dependent
peroxidases (MnP, EC 1.11.1.13), lignin peroxidases (LiP, EC 1.11.1.14), versatile peroxidases
(VPs, EC 1.11.1.16) and laccases (EC 1.10.3.2) (Brown and Chang, 2014; Andlar et al., 2018;
Chio etal., 2019). These laccases and peroxidases take part in redox processes, where phenolic
compounds are transformed into free-radicals. They are also involved in the production of

redox mediators which facilitate lignin depolymerization.

1.3.2.1. Xylanolytic enzymes

Xylan rich lignocellulosic biomass is readily available in nature and there is a need for
degradation of this complex polymer for its efficient utilisation for various applications in
industrial processes. The complete depolymerisation of xylan into simple monosaccharides and
XOS is accomplished by a group of xylanolytic enzymes which act synergistically (Biely et
al., 2016; Malgas et al., 2019). Among these, endo-xylanase (EC 3.2.1.8) is the key enzyme
which initiates degradation by randomly cleaving the glycosidic bonds in the xylan backbone
releasing XOS (Mendis and Simsek, 2015; Bhardwaj et al., 2019). B-Xylosidases (EC 3.2.1.37)
catalyses the hydrolysis of xylobiose and the non-reducing ends of short XOS produced by
endo-xylanase into xylose. a-L-Arabinofuranosidases (E.C. 3.2.1.55) remove the
arabinofuranose residues substituted at position O-2 or O-3 of mono- or di-substituted xylose
residues present in the xylan backbone. a-Glucuronidases (EC 3.2.1.139) are required for the
cleavage of the a-1, 2-glycosidic linkages between xylose and p-glucuronic acid. Feruloyl
esterases (EC 3.1.1.73) are primarily involved in the hydrolysis of ester bonds between a
hydroxycinnamate and xylan, releasing a phenolic acid such FA or p-CA (Wong et al., 2013),
while acetyl xylan esterases (EC 3.1.1.72) are responsible for the hydrolysis of ester bonds to
liberate acetic acid from acetylated xylan (Zhang et al., 2011). The schematic representation of

the xylan structure showing bonds which are hydrolysed by key xylanolytic enzymes for
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complete hydrolysis of xylan to its constituent monomeric units is presented in Figure 1.5.
Here, in this study, the focus will be on the biochemical aspects and synergistic action of endo-

xylanases (EC 3.2.1.8) and feruloyl esterases (EC 3.1.1.73).

Figure 1.5: Schematic representation of enzyme sites of the enzymes required for
complete degradation of heteroxylan. The symbols are as follows; Xyl (xylose), Ara
(arabinose), GlcA (glucuronic acid), Ac (acetic acid) and FA (ferulic acid) (Adapted from
Malgas et al., 2019).

1.4. Xylanases

The presence of xylanases is observed in a wide range of microorganisms such as bacteria,
actinomycetes, yeasts and fungi (Azeri at el., 2010; Driss et al., 2012; Walia et al., 2013).
Among those, the major sources are bacteria and filamentous fungi, the latter being the
dominant source of commercial xylanases. According to the CAZy database

(http://www.cazy.org), xylanases are classified under several GH families, namely, family 5,

8,9, 10,11, 16, 30, 43, 51, 62 and 98. These enzymes vary in terms of their mechanisms of
action, substrate specificities, physico-chemical characteristics and structural features
(Bhardwa et al., 2019). Members of families 16, 51 and 62 are generally bi-functional enzymes
as they appear to contain two catalytic domains while enzymes grouped under families 5, 8,
10, 11, and 43 possess single distinct catalytic domains (Collins et al., 2005). Xylanases in GH
families 10 and 11 have been thoroughly explored. The catalytic mechanism of xylanases may
occur by two different mechanisms, namely, retention or inversion. Briefly, the xylanase

catalysed xylan hydrolysis may result either in the retention or inversion of the anomeric centre
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of the reducing sugar monomer of the carbohydrate (Motta et al., 2013; Lombard et al., 2014).
The inversion of the configuration at the anomeric centre is a single displacement mechanism
while retention is the double displacement mechanism. Members of families 5, 7, 10 and 11
catalyse the xylan hydrolysis with the retention of the anomeric configuration (Motta et al.,

2013).

1.4.1. GH10 endo-xylanases

Xylanases from the GH10 family are known to have high molecular weights (more than 30
kDa) and low isoelectric points (pl), and according to structural studies, members of this family
exhibit the TIM barrel (0/B)s fold as a catalytic domain (Teplitsky et al., 2000). Their active
sites can have between four to five substrate-binding sites. The binding sites for xylose residues
in xylanases are called subsites, and glycosidic bond cleavage takes place between the
monomeric residues at the -1 (non-reducing) and the +1 (reducing) ends of xylan. Studies on
arabinoxylan hydrolysis reveal that products generated by GH10 xylanase have arabinose
residues substituted on xylose at the + 1 subsite (Maslen et al., 2007). This suggests that GH10
members are less hampered by the presence of substituents along the xylan backbone and,
therefore, are able to cleave regions closer to the side-chain residues (Motta et al., 2013).
Furthermore, decorated XOS generated by GH10 xylanases have two unsubstituted xylose
residues at the reducing end and the side groups at the non-reducing end (Mathew et al., 2018).
It has been reported that GH10 xylanases require two consecutive unsubstituted xylose
monomers to cleave the xylan backbone (Karlsson et al., 2018). They have low substrate
specificity and exhibit high catalytic versatility as they can catalyse the hydrolysis of aryl B-p-
cellobiosides. However, their ability to hydrolyse insoluble xylan substrates is low and they
usually require a pre-treatment step for efficient hydrolysis of insoluble biomass (Falck et al.,

2014).

1.4.2. GH11 endo-xylanases

Family GH11 enzymes are generally characterised by a low molecular weight (less than 30
kDa), a high pl and a B-jelly roll fold structure. The three-dimensional (3D) structure consists
of two large B-pleated sheets and a single a-helix, forming a structure that resembles the shape
of a partially closed right-hand (Torronen and Rouvinen, 1997). This family consists solely of
xylanases and they are exclusively active on p-xylose containing substrates (Collins et al.,
2005). They also display high substrate selectivity and high catalytic efficiency. Like GH
family 10 xylanases, GH 11 can act on the aryl B-glycosides of xylobiose and xylotriose at the

aglyconic bond, but these enzymes are incapable of catalysing hydrolysis of aryl B-p-
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cellobiosides (Motta et al., 2013). Xylanases from family 11 require three consecutive
unsubstituted xylose monomers to cleave the xylan main chain, and they preferentially cleave
the unsubstituted regions. GH11 enzymes are more likely to be hampered by the presence of
xylan side-chain decorations due to a narrow binding cleft with no acceptance on the —1 and
+1 subsites (Paes et al., 2012; Wan et al., 2014). In contrast to the family 10 xylanases, these
enzymes are most active on long chain substrates, generating XOS which can be further
hydrolysed by GH10 xylanases as these are highly active on short XOS. Futheremore, members
of GH11 family are more efficient in hydrolysing insoluble xylan substrates as they are able to

penetrate the cell wall matrix because of their small size (Karlsson et al., 2018).

1.5. Feruloyl esterases

Feruloyl esterases (E.C. 3.1.1.73), also known as ferulic acid esterases (FAEs), cinnamoyl
esterases and cinnamoyl ester hydrolases, represent a diverse group of carbohydrate esterases
that specifically catalyse the hydrolysis of ester bonds between hydroxycinnamic acids and
plant cell wall polysaccharides. FAEs are usually employed as accessory enzymes as they
remove hydroxycinnamic acids which would have hindered the action of xylanases, this leads
to improvement in lignocellulosic biomass conversion (Oliveira et al., 2019; Malgas et al.,
2019). The hydroxycinnamic acids released from complex plant cell walls have been shown to
have positive health benefits, such as antioxidant, anti-microbial and anti-inflammatory
activities. Therefore, these abilities make FAEs potential biocatalysts in a wide variety of

applications such as in the food and feed, cosmetics and pharmaceutical industries.

1.5.1. Classification of FAEs

According to the CAZy database (CAZy; www.cazy.org), FAEs are members of Carbohydrate
Esterase Family 1 (CE1), on the basis of their similarities in amino acid sequences and mode
of action (Lombard et al., 2014). For the classification of these enzymes, different systems have
been proposed. Crepin et al. (2004) proposed a broad classification based on their substrate
specificity towards four model substrates (methyl ferulate-MFA, methyl sinapate-MSA,
methyl caffeate-MCA and methyl p-coumarate-MpCA), FAEs are classified into A, B, C and
D types. Type A FAEs are active on MFA, MpCA and MSA, and are capable of releasing
diferulic acid. Type B FAEs are able to hydrolyse MFA, MpCA and MCA, but not MSA and
cannot release diferulic acid from plant cell walls. Type C and D FAEs are active on all four
substrates, but only type D has the ability to release diferulic acid. This classification system
was useful, but it was based on a limited number of confirmed FAEs and amino acid sequences.

A refined classification system which grouped FAEs into seven subfamilies was proposed
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based on phylogenetic analysis of fungal FAEs by Benoit et al. (2008). A further refinement
which grouped (for the first time) FAEs from fungi, bacteria and plant into 12 distinct families
was proposed by Udatha et al. (2011). A major drawback of this system is that FAEs share high
amino acid sequence identities with other proteins such as proteases, acetyl esterases and
lipases, and it is, therefore, difficult to classify FAEs based on only amino acid sequences
without biochemical data. More recently, Dilokpimol et al. (2016) proposed a classification
system based on both amino acid sequences and substrate specificity. According to this system,

FAEs can be divided into 13 sub families and an unclassified group.

1.5.2 Biochemical properties and sources of FAEs

FAEs have been identified in various plant cell wall degrading microorganisms and exhibit
broad enzymatic properties (see Table 1.2). The biochemical characteristics of FAEs, such as
reported molecular weights (18.5-210 kDa), optimum pH and temperature values ranging from
pH 3.0 to 10.0 and 25°C to 75°C, respectively, vary greatly (Dilokpimol et al., 2016; Oliveira
et al., 2019). There are also few studies that have reported on the impact of metal ions and
inhibitors on FAE activities. The major sources of these FAEs are several fungal and bacterial
microorganisms. Among these microorganisms, fungi are still the principal sources of FAEs
used in industry (Topakas et al., 2007). Many FAEs have been produced from culturable
microorganisms, but these represent a small fraction of microbial diversity which limit the
search for possible novel enzymes. Recently, several novel FAEs have been discovered from
various environmental niches using a metagenomic approach (Yao et al., 2013; Rashamuse et

al., 2014; Li et al., 2018; Wong et al., 2019).

1.5.3. 3D structure and catalytic mechanism of FAEs

Structural information for FAEs is based on very few crystal structures that have been resolved.
Structurally, FAEs exhibit the canonical common o/B-hydrolase fold of an esterase (Hermoso
et al., 2004; Goldstone et al., 2010). The o/B- hydrolase fold consists of a nine -sheet core that
is surrounded by five a-helices and two additional B-strands. Other structural features include
the classical catalytic triad, Ser-His-Asp, found at the core of active side. It has been reported
that lipase crystal structures have been used to construct many FAE models based on sequence
identities (Oliveira et al., 2019). The substrate specificity is usually determined by amino acid
residues found within domains positioned in close proximity to the substrate binding sites and
the catalytic triad (Hermoso et al., 2004; Suzuki et al., 2014). Generally, the catalytic
mechanism of FAEs involves a covalent acyl-enzyme intermediate. This mechanism is similar

to that of other esterases, serine proteases and lipases. The first step is acylation of the
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nucleophilic serine residue which leads to formation of the intermediate. The second step
involves deacylation which is initiated by the nucleophilic attack of water and the subsequent
breakdown of the intermediate causing the release of the product, mostly FA (Dilokpimol et

al., 2016).

Table 1.2: Biochemical properties of microbial FAEs

Microorganism Enzyme MW pHopt T opt T sta Reference
(kDa) O (O

- rXynl0A/F 1143 7.0 50 40 Wang et al., 2020

aclA
Eupenicillium parvum EpFAEI 37 5.5 50 50 Long et al., 2020
- BDS4 38.8 8.0 37 - Wu et al., 2019
- FAE-C1 38.9 >7 3540 - Wong et al., 2019
Xanthomonas FAE-C2 25.7 >7 35-40 - Wong et al., 2019
campestris
Lactobacillus FAE-C3 38.9 >7 3540 - Wong et al., 2019
johnsonii
Clostridium FAE-C4 35.5 >7 3540 - Wong et al., 2019
thermocellum
Thermogutta FAE-C5 43.7 >7 3540 - Wong et al., 2019
terrifontis
Bacillus coagulans FAE-C6 43.7 >7 3540 - Wong et al., 2019
- FAE-C7 30.2 >17 35-40 - Wong et al., 2019
Aspergillus terreus AtFaeD 43 7.0 50 37 Mikeld et al., 2018
Aspergillus niger BE- AnFaecA 40 5.0 45 <55 Wuetal, 2017
2
Actynomyces sp. ActOFael 32 6.5 30 40 Hunt et al., 2016
Lactarius hatsudake  LhFae 55 4.0 30 - Wang et al., 2016
Schizophyllum ScFaeDl1 63 7.5 45 45 Nieter et al., 2016
commune
Aspergillus terreus AtFaeA 35 5.0 50 - Zhang et al., 2015
Panus giganteus PgFae 61 4.0 40 40 Wang et al., 2014
Aspergillus oryzae AoFaeA 37 5.0 50 50 Zeng et al., 2014

Where pH otp represents pH optimum, T opt represents temperature optimum and T sta

represents thermostability.
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1.5.4. Release of hydroxycinnamic acids

Hydroxycinnamic acids, particularly FA and p-CA, are key components of plant cell walls, and
they are mainly cross-linked to hemicellulosic carbohydrate moieties and to lignin. FA, the
most dominant hydroxycinnamic acid, is distributed widely throughout cereal grains.
Agricultural residues resulting from cereal grain processing are a cheap alternative source for
the extraction of FA as they usually contain about 0.5% to 3.0% (w/w) FA content (Long et
al., 2018). Extraction of FA from agricultural residues is generally facilitated by alkaline
hydrolysis. However, this method is not preferred because of the generation of unwanted by-
products. Various attempts have been made in the enzymatic extraction of FA from different
agricultural substrates using FAEs, as this method is more environmentally friendly and leads
to the release of specific products. A study by Zhang et al. (2013) reported that FAE from
Aspergillus flavus (AfFacA) was capable of releasing FA from steam exploded corn stalk. The
ACcFAE from Aspergillus clavatus was applied to the release of both FA and p-CA from
sugarcane bagasse (Damasio et al., 2013). FAEs from different microorganisms have also been
used to release FA from wheat bran (Uraji et al., 2014; Cao et al., 2015). However, some of
these reports showed that FAEs only released a low level of FA. Many studies have
demonstrated that other hemicellulose degrading enzymes, most especially endo-xylanases are
important for enhancing FAE activity during the release of hydroxycinnamic acids from

various agricultural residues.

1.6. Synergism between FAEs and xylanases

The structure and composition of xylan in lignocellulosic biomass is heterogeneous and
complex and not easily accessible to enzymes. Therefore, the efficient production of XOS and
other useful compounds from xylan requires the cooperation of many xylanolytic enzymes
(Malgas et al., 2019). Enzyme synergy refers to the cooperation between enzymes where the
combined enzyme activities greatly improve the efficiency of substrate hydrolysis (Jalak et al.,
2012). FAEs exhibit a strong synergistic relationship with endo-xylanases for the efficient
production of XOS and hydroxycinnamic acids from various xylan rich lignocellulosic biomass
(Mkabayi et al., 2020). The synergistic interactions between these two groups of enzymes take
place in two ways. Firstly, xylanases act on parts of the xylan polymer generating short
feruloylated XOS. This action enhances the activity of FAEs since short feruloylated XOS are
preferred FAE substrates compared to the xylan polymer. In turn, the cleavage of FA
decorations increases the accessibility of xylanases to short-chain XOS for further hydrolysis

(Oliveira et al., 2019). It has been suggested that the synergistic effect of endo-xylanases is
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dependent on several factors which include (a) the type and the degree of side group
substituents present on the xylan polymer, (b) physical properties of the substrate such as
solubility/insolubility and particle size, and (c) enzyme’s capability to accommodate variability

and hydrolyse the heteroxylan substrate (Wong et al., 2013).

Several studies have shown that FAEs could efficiently release FA from lignocellulosic
biomass only in the presence of endo-xylanases. A study by Long et al. (2020) evaluated the
synergistic interactions between a new FAE from Eupenicillium parvum (EpFAE1) and GH10
endo-xylanase (EpXYNI1), and it was shown that addition of EpXYNI significantly increased
the release of FA from de-starched wheat bran (DSWB). FAE from a rumen microbial
metagenome (RuFae2) has been employed in release of FA from various natural substrates in
synergism with GH10 xylanase of Cellvibrio mixtus (Wong et al., 2013). It was reported that
RuFae2 alone was capable of releasing FA, but the addition of GH10 xylanase significantly
increased the amount of FA released, wheat bran being the highest with a 6.73-fold increase,
followed by wheat-insoluble arabinoxylan (2.76-fold increase). Mikela et al. (2018) showed
the significance of sequential and simultaneous synergistic interactions between a commercial
xylanase and FAE from Aspergillus terreus (AtFaeD). The study indicated that the release of
FA from wheat-insoluble arabinoxylan was improved by 11-fold when AtFaeD acted
sequentially with the xylanase, than when the enzymes were co-incubated. More recently,
Wang et al. (2020) evaluated the inter-domain synergism of multi-modular bifunctional
recombinant enzymes (rXynlOA/FaelA) for the co-production of XOS and FA from
agricultural residues such as DSWB, ultrafine grinding corn stover and steam-exploded corn

cobs.

It has been suggested that hydrolysis of FA ester linkages by FAEs improves the enzymatic
degradation of xylan in lignocellulosic biomass to XOS. Wu et al. (2017) evaluated synergism
between FAE (AnFaeA) and GHI11 xylanase (AnXynl1A) from Aspergillus niger BE-2 in
hydrolysing wheat bran to produce FA and XOS. The study demonstrated that co-incubation
of the enzymes improved the release FA from 16.8% to 70%, while the XOS yield was double
when compared to single enzyme action. A study on the synergistic effect of cFae from
Aspergillus clavatus and a commercial xylanase reported a 1.97-fold improvement in reducing
sugar release from sugarcane bagasse hydrolysis (Oliveira et al., 2016). In another study, the
synergistic activities of the FAEs of Bacteroides intestinalis (BiFael A and BiFaelB) and a
bifunctional endo-xylanase/a-arabinofuranosidase on wheat-insoluble arabinoxylan resulted in

an increased production of reducing sugars (Wefers et al., 2017). A study by Kmezik et al.
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(2020) showed that multi-modular fused acetyl-feruloyl esterases were capable of substantially
improving the performance of a commercial xylanase (Xyn11A). The experiments showed that
the enzymatic hydrolysis of corn cob and Japanese beechwood biomass were improved by
close to 2-fold and up to 20-fold, respectively. The difference in synergistic effects likely

reflected the complexity and variations in the xylan structure of these two substrates.

The products generated from the degradation of xylan polymer, including FA, p-CA and XOS,
are known to have potential health benefits arising from their antioxidant and prebiotic
properties. The use of enzyme-based technology for their production presents an
environmentally friendly method for the utilisation of agricultural residues. Evidence from
recent scientific reports suggests that the synergistic action of FAEs and endo-xylanases is
crucial to obtain significant hydrolysis yields from these agricultural residues. Recent
developments have focused on employing a genome mining strategy to discover novel FAEs
with novel properties, and it was, therefore, important to evaluate the synergistic effects of
these newly discovered FAEs for the formulation of enzyme cocktails which can be used for

the efficient production of high value-added chemicals.
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Chapter 2: Motivation, aims and thesis outline

2.1. Motivation

Agricultural residues are widely considered as an ideal renewable feedstock for the production
of VAPs. Several primary drivers underpin the increasing interest in the utilisation of
agricultural residues as raw materials for VAPs production. These include availability and low-
cost and output: input energy ratio (Isikgor and Becer, 2015; Arevalo-Gallegos et al., 2017). A
number of conversion technologies can be used with agricultural residues, but enzymatic
conversion is generally considered the most sustainable technology for the production of value-
added chemicals (Lopes et al., 2018). However, the conversion of these resources is hindered
by their structural complexity and heterogeneity which can prevent enzymatic hydrolysis. The
efficient enzymatic hydrolysis of agricultural residues requires the synergistic cooperation of
several enzymes. FAEs, working synergistically with xylanases, are responsible for the release
of hydroxycinnamic acids, whilst also reducing lignocellulosic biomass recalcitrance for the
production of fermentable sugars. Various FAEs have been isolated and characterised from
fungi and bacteria, but only few have been applied on an industrial level due to their low levels
of expression and low catalytic activities. Therefore, discovery and application of novel FAEs

still remains important.

Recent developments have highlighted that metagenomic technologies offer promising new
strategies for discovering novel FAEs with unique properties. Rashamuse et al. (2014)
employed a metagenomic mining strategy and functionally screened novel FAEs from the
hindgut prokaryotic symbionts of Trinervitermes trinervoides termite species. However, the
application of these enzymes in degrading agricultural residues has not yet been explored.
Exploration of these novel enzymes in the formulation of FAE-xylanase cocktails is important,
as it can lead to an improvement in efficient lignocellulosic biomass degradation. This, in turn,
could lead to an improvement in the economic viability of the bioconversion of high xylan-
containing lignocellulosic biomass into hydroxycinnamic acids and XOS, which hold great

potential for industrial application.

22



2.2. Hypothesis

Highly efficient co-production of hydroxycinnamic acids and XOS from agricultural residues
can be achieved through the synergistic action of termite metagenome-derived FAEs and

commercially available xylanases.

2.3. Aims and objectives

The main aim of this study was to evaluate synergism between two termite metagenome-
derived feruloyl esterases (FAES5 and FAE6) and endo-xylanases from Thermomyces
lanuginosus (Xynll) and Bacillus stearothermophilus T6 (XT6) for the production of
hydroxycinnamic acids and XOS from various feedstocks; model substrates (oat spelt xylan
and insoluble wheat arabinoxylan), and untreated and pre-treated agricultural residues (corn

cob, rice straw and sugarcane bagasse).
The following objectives were set at the onset of the study, to address the aim above:

» To over-express and purify FAES and FAEG6;

» To biochemically characterise the purified FAEs and commercial xylanases (Xynl1
and XT6);

» To conduct pre-treatment of the selected agricultural residues;

» To conduct compositional, morphological, and chemical analysis of untreated and pre-
treated agricultural residues.

» To evaluate the impact of pre-treatment by-products and wash liquors on enzyme
activities;

» To evaluate synergistic interactions between purified FAEs and xylanases on model

substrates and agricultural residues.

2.4. Thesis outline

This thesis is presented as follows:

e Chapter 1 provides a general overview of the fundamental concepts of lignocellulosic
biomass bioconversion with a focus on the structure and chemical composition of
biomass, potential applications of VAPs extracted from lignocellulosic biomass, pre-
treatment methods, enzymatic hydrolysis, and the nature, and function of xylanases and
FAEs. The synergistic interactions between FAEs and xylanases during degradation of

agricultural resides were also discussed.
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The amplification of plasmids harbouring fae5 and fae6 genes, confirmation of
sequences, over-expression as well as enzyme purification are described in Chapter 3.
Chapter 4 reports on partial biochemical characterisation of purified FAEs (FAES and
FAEG6) and commercial xylanases (Xynl11 and XT6).

Chapter 5 describes the pre-treatment of the selected agricultural residues by
hydrothermal and dilute acid methods. The chapter also describes chemical
composition and characterisation of untreated and pre-treated substrates as well as the
potential impact of various pre-treatment by-products on the activity of FAEs.
Chapter 6 reports on evaluation of synergistic interactions between FAEs and
xylanases during biomass degradation with a focus on the production of
hydroxycinnamic acids and XOS. The co-operation of these enzymes was first tested
on oat-spelt xylan and wheat arabinoxylan (model substrates) and protein loading ratios
were also optimised. The optimised FAE-xylanase cocktails were then applied to
untreated and treated agricultural residues for the production of hydroxycinnamic acids
and XOS.

A general discussion, research highlights, conclusions and future work of this study are

provided in Chapter 7.
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Chapter 3: Expression and purification of FAES and FAE6

3.1. Introduction

Although numerous studies have examined the isolation and purification of FAEs from various
sources such as bacteria and fungi, some of these enzymes suffer from low expression levels
and weak catalytic activities for industrial applications. Therefore, it is important to develop
new methods for improving the production of FAEs because of their potential for industrial
applications. Application of heterologous expression systems may be useful for obtaining
increased amounts of FAEs. Heterologous protein expression can be achieved by using a
number of expression systems such as bacterial, fungal and yeast (Juturu and Wu, 2018; Kaur
et al., 2018). The application of Komagataella phaffii (K. phaffii) (previously known as Pichia
pastoris) as a yeast expression system is highly attractive due to a lot of advantages such as its
ability to perform eukaryotic post-translational modifications, its capacity to grow at high cell
densities and its ability to secrete reasonable amounts of protein into the fermentation media

(Daly and Hearn, 2005; Varnai et al., 2014).

With bacterial expression, Escherichia coli (E. coli) is the preferred and most widely used
expression host because of several advantages. These include the requirement of only simple
transformation techniques, rapid growth on inexpensive growth conditions, high level of
protein accumulation in the cell cytoplasm, easy isolation, and purification of expressed
proteins (Jhamb and Sahoo, 2012). The E. coli T7 RNA polymerase-based protein production
is the most widely used approach (Makino et al., 2011; Studier, 2014). In this system, the strain
BL21 (DE3) is used in combination with a T7 promoter-based expression vector containing
the gene of interest. The gene encoding the recombinant protein is transcribed by the
chromosomally encoded T7 RNA polymerase, which is induced by the addition of isopropyl-
B-D-1-thiogalactopyranoside (IPTG). For the purification of recombinant proteins,
immobilized metal affinity chromatography (IMAC) is one of the most simple and reliable
purification techniques. The best-known application of IMAC is the purification of histidine-
tagged (His-tagged) proteins (Cheung et al., 2012). The IMAC consists of a supporting material
(agarose), a linker, a chelating compound (nitrilotriacetic acid) and a divalent transition metal
ion (Ni(IT) or Co(Il)) (Yang et al., 2013). The purification is based on the affinity of divalent
transition metal ions towards a His-tag (usually six consecutive histidine residuess) fused to
either the N or C terminus of the target protein (Block et al., 2009; Cheung et al., 2012).
Generally, the presence of the 6 x His-tag does not affect the functional activity and structure

of purified recombinant protein, because of its small size.
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Most well studied FAEs have been cloned and expressed in heterologous expression systems.
These recombinant FAEs have been used to investigate several aspects of enzyme studies,
including structure-function relationships, increasing production, engineering them to be
suitable for industrial use by manipulating their thermal and pH stability, investigating the role
of particular amino acid residues, and purification of enzymes in a single step with high yield
(Oliveira et al., 2019). In the present study, two novel metagenome derived FAEs (FAES and
FAEG6) were expressed in an E. coli BL21 (DE3) expression system and their subsequent
purification was achieved by IMAC. These FAEs were produced for use in the enzymatic

degradation of agricultural residues.

3.2. Aims and objectives

3.2.1. Aims
To produce recombinant FAES and FAEG6 in an E. coli BL21 (DE3) expression system and
purify these enzymes by IMAC for use in activity assays.

3.2.2. Objectives

To achieve this aim, the following objectives were set:

To amplify plasmid harbouring fae5 and fae6 genes;

To verify the coding sequences of fae55 and fae6 by sequencing;
To express functional FAEs in E. coli BL21 cells;

To purify FAEs using Ni-NTA Superflow Cartridges;
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To assess the purification procedure by constructing a purification table.
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3.3. Materials and methods

3.3.1. Materials

The pET28a expression plasmids harbouring the fae5 and fae6 genes were kindly provided by
Dr K. Rashamuse (Council for Scientific and Industrial Research (CSIR), Biosciences,
Pretoria, South Africa). E. coli JM109 and BL21 (DE3) cells were purchased from Invitrogen
(Carlsbad, USA). Reagents for preparation of Luria agar (LA) and Luria broth (LB) media were
purchased from Merck (Darmstadt, Germany). The plasmid DNA extraction kit was purchased
from BioFlux (Bioer Technology Co., Ltd, Hangzhou, China). The 5 mL Ni-NTA Superflow
Cartridge was purchased from QIAGEN (Hilden, Germany). PageRuler™ pre-stained protein
ladder was purchased from Thermo Scientific (Waltham, USA). Bradford reagent was
purchased from Sigma-Aldrich (St. Louis, USA).

3.3.2. Plasmid amplification

Competent E. coli IM109 cells were transformed with one of the recombinant plasmids
pET28a-fae5 or pET28a-fae6 using the heat-shock transformation method (Froger and Hall,
2007). Briefly, a stock of competent E. coli JM109 cells (50 uL) was thawed on ice. The
plasmid (2 pL) was mixed with competent cells and the mixture kept on ice for 30 minutes,
followed by heat shocking at 42°C for 30 seconds and cooling on ice for 2 minutes. Super
optimal broth with catabolite repression (SOC) media (20 g/L tryptone, 5 g/L yeast extract,
0.584 g/LL NaCl, 0.186 g/ KCl, 2.034 g/LL MgCl,, 2.464 g/. MgS0O4) was added and the
mixture was incubated while shaking at 37°C for 1 hour. Positive transformants were obtained
by plating the transformation mixture onto LB agar plates containing 50 ug/mL kanamycin and
incubated overnight at 37°C. Single colonies were inoculated into 5 mL LB broth containing

50 pug/mL kanamycin and grown overnight at 37°C.

3.3.3. Plasmid extraction
The plasmids were extracted from the overnight cultures using the BioFlux BioSpin plasmid
DNA extraction kit according to the manufacturer’s instructions (Bioer Technology Co., Ltd.)

and plasmid DNA was quantified using a Nanodrop 2000 spectrophotometer.

3.3.4. Nucleotide sequencing and sequence verification

The plasmids with the fae5 and fae6 genes were sent to Inqaba Biotech™ (Pretoria, South
Africa) for sequencing to confirm the nucleotide composition of the desired genes. The DNA
sequences were analysed and edited using Geospiza’s FinchTV software. The sequences of the

fae5 and fae6 genes were then analysed using a BLASTx search engine (Altschul et al., 1997).
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The theoretical molecular weights of FAES and FAE6 were predicted using the EXPAsy
proteomics server (Gasteiger et al., 2005). Multiple sequence alignment was carried out with

Clustal Omega (Sievers et al., 2011).

3.3.5. Expression of FAES and FAE6

Two cultures of the E. coli BL21 (DE3) cells that had been transformed with one of the
recombinant plasmids; pET28a-fae5 or pET28a-fae6, were grown in tubes containing 5 mL LB
media for 16 hours at 37°C, shaking in a Labcon bench shaker at 180 rpm. The overnight
cultures were used to inoculate 100 mL of LB containing 50 pg/mL of kanamycin and
incubated in a Labcon shaker (180 rpm) at 37°C until an OD600 of between 0.6 and 0.8 was
reached. The expression of the recombinant FAEs was induced by the addition of 1 mM IPTG,
and cultures were incubated at 18°C with shaking (150 rpm) for 7 hours. For the determination
of optimum induction time, 1 mL samples were collected at 1 hour intervals over 7 hours and
stored at -20°C for SDS-PAGE analysis. The remaining culture was then used for subsequent

purification.

3.3.6. Purification of recombinant FAES and FAE6

The E. coli BL21 (DE3) cells from induction studies were chilled on ice for 30 minutes,
harvested by centrifugation at 6 000 x g for 15 minutes at 4°C using an Avanti® J-E centrifuge
and a JA-14 rotor (Beckman Coulter). Upon centrifugation, the pellets were resuspended in
lysis buffer (50 mM NaH>POs4, 300 mM NaCl, 1 mg/mL lysozyme, pH 8). The solution was
incubated on ice for 1 hour and frozen at -80°C for a minimum of 4 hours. The solution was
then thawed and centrifuged at 10 000 % g for 20 minutes at 4°C and the supernatant (cleared
lysate) was filtered using 0.22 pm sterile filters. Purification was conducted using nickel
affinity chromatography. The 5 mL Ni-NTA Superflow Cartridge (QIAGEN®) was first
equilibrated with 10 column volumes of binding buffer NPI-10 (50 mM NaH>PO4, 300 mM
NaCl, 10 mM imidazole, pH 8). The cleared lysate was applied to the cartridge using a flow
rate of 5 mL/minute and the flow-through was collected. The unbound proteins were removed
with a washing step using 10 column volumes of washing buffer NPI-20 (50 mM NaH;POs,
300 mM NaCl, 20 mM imidazole, pH 8). His-tagged FAEs were eluted into 5 mL fractions
with elution buffer NPI-250 (50 mM NaH;PO4, 300 mM NaCl, 250 mM imidazole, pH 8). The
purified FAEs were desalted with PD-10 desalting columns (Sephadex G-25) (GE Healthcare)

and concentrated by centrifugation at 3 000 x g for 20 minutes at 4°C using Amicon® Ultra -
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15 Centrifugal filters (10 kDa). The samples were then stored for SDS-PAGE analysis, protein

concentration determination and enzyme activity assays.

3.3.7. SDS-PAGE analysis

Sodium dodecyl sulphate polyacrylamide gel electrophoresis (SDS-PAGE) was performed
using a mini PROTEAN® tetra system (BIO-RAD). The protein samples were analysed with
a 10% resolving gel and 4% stacking gel using the procedure described by Laemmli (1970).
Protein samples were mixed 4:1 with SDS loading buffer (50 mM Tris HCI, pH 6.8; 40% (w/v)
glycerol; 3% (w/v) SDS; 0.14% (w/v) bromophenol blue; 5% (w/v) B-mercaptoethanol) and
incubated at 100°C for 10 minutes on a Labnet AccuBlock™ digital dry bath before loading.
Sample aliquots of 15 pL were loaded onto the gel. PageRuler™ prestained protein ladder
(size range, 10-180 kDa) was used as a molecular weight marker for protein size estimation.
Electrophoresis was performed in SDS running buffer (25 mM Tris base; 192 mM glycine; 1%
(w/v) SDS) at a constant voltage of 100 V using BioRad PowerPac™ power supply. The SDS-
PAGE was stained with a staining solution (0.1% (w/v) Coomassie Brilliant Blue G250; 20%
(w/v) methanol and 15% (w/v) glacial acetic acid) for 20 minutes on a rocker platform (Bellco
technology) and destained with a destaining solution (45% (w/v) methanol and 10% glacial
acetic acid). The bands were finally visualized using the BIO-RAD ChemiDoc™ XRS+

imaging system.

3.3.8. Protein concentration determination

For protein quantification, the Bradford assay was used (Bradford, 1976). A standard curve
was constructed using bovine serum albumin (BSA) (see Appendix Figure B.1.1). An amount
of 25 pL of the BSA standard or unknown sample was mixed with 230 pL of Bradford’s reagent
and incubated at room temperature shaking on a rocker platform for 10 minutes. The

absorbance values were measured at 595 nm using a SynergyMx microplate reader (BioTek®).

3.3.9. FAE activity on pNP-acetate

The enzyme activity was determined by measuring the amount of released p-nitrophenol
product from pNP-acetate (dissolved in 90% acetonitrile). All reactions were carried out in
triplicate using standard 96-well microplates. The standard assay mixture (200 pL) contained
0.8 mM pNP-acetate, a sodium phosphate buffer (50 mM, pH 7.4) and the reaction was started
by the addition of 5 pL diluted enzyme solution. The release of p-nitrophenyl product was
monitored at 40°C every 1 minute for over a period of 10 minutes at 405 nm using a SynergyMx

microplate reader (BioTek®). A p-nitrophenol standard was constructed for the estimation of
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concentration (see Appendix Figure B.3.1). One unit of enzyme activity was defined as the
amount of activity required to release 1 umol of p-nitrophenol per minute from pNP-acetate

under the standard assay conditions.

3.4. Results and discussion

3.4.1. Sequence verification

The recombinant plasmids, pET28a-fae5 or pET28a-fae6, were used to transform competent
E. coli IM109 cells. The transformed cells were grown overnight at 37°C in order to amplify
the recombinant plasmids. Amplified plasmids were then extracted as described in section 3.3.3
and sent to Ingaba Biotech™ for sequencing. The nucleotide sequences were analysed as
described in section 3.3.4 and the result indicated the presence of the desired genes in the
correct orientation. As expected, translational analysis (BLASTx) revealed a 100% sequence
identity for FAES5 (accession no. AGJ83838.1). Contrary to the results seen for FAES, the
analysis for FAEG6 revealed a high sequence identity (84.31%) with a carboxylesterase family
protein (accession no. NLV31826.1). The slight changes for FAE6 might be due to sequence
refinements after its first deposition into the National Centre for Biotechnology Information
(NCBI) database. For further analysis, the sequences obtained from BLASTx were used to
predict the molecular masses for FAES and FAE6, and were found to be 30.1 kDa and 57.7
kDa, respectively. Translated FAES and FAE6 sequences were then aligned with two termite
metagenome derived FAEs to confirm the presence of conserved regions corresponding to the
common functional features of esterases (Figure 3.1). The amino acid sequences of FAES and
FAEG6 exhibited the typical esterase G-x-S-x-G motif which is found in the catalytic triad.
Multiple sequence alignment also revealed numerous fully conserved amino acid residues
across FAE sequences. Overall, the results indicated that recombinant plasmids, pET28a-fae5
or pET28a-fae6, were amplified successfully and contained the desired genes in the correct
orientation. Amino acid sequence analysis revealed that the two sequences have highly

conserved residues corresponding to functional features of typical esterases.
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Figure 3.1: A Multiple sequence alignment of FAEs performed with Clustal Omega. FAES
and FAE6 were aligned with two other termite metagenome derived FAEs. The common
esterase GxSxG motif is identified with a box. The degree to which an amino acid position is
conserved is indicated by symbols. Key: *-(fully conserved residue); : -(conservation of
residues with strongly similar properties); . -(conservation of residues with strongly similar

properties).

3.4.2. SDS-PAGE analysis of FAES and FAE6

The expression of the recombinant FAES and FAE6 enzymes was confirmed the E. coli BL21
(DE3) cells by following IPTG-induced expression. Figure 3.2 shows SDS-PAGE analysis of
IPTG-induced expression of FAES and FAE6. For FAES, upon induction of E. coli BL21
(DE3) containing pET28a-fae5 with IPTG, a band representing a protein of molecular weight
of approximately 30 kDa was produced (Figure 3.2A). The relative quantity of recombinant
FAES appeared to increase up to 4 hours after induction. There was no band corresponding to
FAES found in the uninduced sample (negative control, lane 1). The expression of FAE6 shows
a very similar pattern to that seen with the recombinant FAES (Figure 3.2B). The recombinant
FAEG6 displayed a molecular weight of approximately 60 kDa and was consistent with the

findings obtained from the EXPAsy proteomics server (protein size prediction). As expected,
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the uninduced sample did not show a FAE6 band (negative control, lanel). The figures clearly
show the over-expression of both FAES5S and FAE6 as evidenced by the prominent protein
bands. Both FAES and FAE6 were recombinantly produced in the soluble cytoplasmic fraction
of E. coli BL21 (DE3) cells.

Figure 3.2: SDS-PAGE analysis of expression of FAES and FAE6. (A) SDS-PAGE gel of
IPTG induced expression of FAES. Lane M: Protein molecular marker. Lane 1: uninduced
sample. Lane 2-7: Samples collected at 1 hour interval after IPTG addition. (B) SDS-PAGE
gel of IPTG induced expression of FAE6. Lane M: Protein molecular marker. Lane 1:

uninduced sample. Lane 2-7: Samples collected at 1 hour intervals after IPTG addition.
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3.4.3. SDS-PAGE analysis of FAES and FAE6 purification

To efficiently purify the expressed FAES and FAE6 enzymes from E. coli BL21 (DE3), a His-
tag purification procedure was employed. The soluble FAE5 and FAE6 enzymes extracted
from E. coli BL21 (DE3) cells were purified under non-denaturing conditions with nickel
affinity chromatography and the relative protein contents and molecular weights were
determined by SDS-PAGE analysis (Figure 3.3). The molecular weights were consistent with
those observed during protein expression. The efficacy of purification procedure is shown in
Figure 3.3A and Figure 3.3B for FAES and FAEG, respectively. It can be seen that the selected
purification procedure was successful as both FAES and FAE6 appeared only in the crude and
elution fractions. Furthermore, bands representing FAES5 and FAE6 were not observed the in
flow-through and wash fractions. This observation suggests that the procedure resulted in

efficient binding of the tagged proteins.
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Figure 3.3: SDS-PAGE analysis of FAES and FAEG6 purification with Nickel Affinity
chromatography. (A) Purification of FAES. Lane M: Protein molecular marker. Lane 1:
cleared lysate. Lane 2: Flow-through sample from cleared lysate. Lane 3: Wash sample. Lanes
4 -9: elution samples with a band at approximately 30 kDa. (B) Purification of FAE6. Lane M:
Protein molecular marker. Lane 1: cleared lysate. Lane 2: Flow-through protein. Lane 3: Wash

sample. Lanes 4 - 9: elution samples showing a band at approximately 60 kDa.

In addition to nickel affinity chromatography, FAES and FAE6 were subjected to PD-10
desalting columns (containing Sephadex G-25). Desalting was performed mainly to remove
the imidazole which was used during the elution step in nickel affinity chromatography
(described in section 3.3.6). The results showing fractions collected during desalting are
presented in Figures 3.4A and B for FAES and FAE®, respectively. The SDS-PAGE analysis
in Figure 3.4 demonstrated that recombinant FAES and FAEG6 eluted in high quantities within
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4 fractions as evidenced by the prominent protein bands at approximately 30 kDa (FAES) and
60 kDa (FAE®6). The results revealed the presence of minor impurities at approximately 40 and
70 kDa. These are usually histidine-rich E. coli proteins, the two most common being ArnA, a
bifunctional enzyme with several non-consecutive histidine residues, and SlyD, a peptidyl-
prolyl cis/trans-isomerase containing 15 histidines (Andersen et al., 2013). Because of the
relatively high specificity and affinity of the His-tag, this method presents an efficient
purification providing a reasonably high purity of the target protein preparation, which is

sufficient for activity assays.

The current investigation demonstrated that metagenome-derived FAEs can be overexpressed
in an E. coli expression system and purified in sufficient yields for enzyme activity assays.
Several FAEs from different sources have been successfully overexpressed in an E. coli
expression system and tested for their ability to hydrolyse ester bonds in the complex
substrates. For example, Wong and colleagues applied a metagenomics strategy to discover
seven FAEs, which were then expressed in E. coli BL21(DE3) and purified in active form
(Wong et al., 2019). The enzymes were able to facilitate the release of FA from complex and
model substrates (Wong et al., 2019). In another study, a metagenome-derived FAE was
expressed in E. coli BL21(DE3) and applied in the release of FA from de-starched wheat bran
(Wu et al., 2019). These studies clearly indicate that recombinant FAEs that are expressed in
E. coli BL21 (DE3) can be applied to the enzymatic hydrolysis of complex and model
substrates. Overall, the expression system selected for this study enabled the production of the
recombinant FAE5 and FAE6 and allowed for a two-step purification by IMAC and size
exclusive chromatography. These enzymes are suitable for application in the enzymatic

hydrolysis of complex substrates.
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Figure 3.4: SDS-PAGE analysis of FAES and FAEG6 purification with a PD-10 desalting
column. (A) SDS-PAGE gel for the purification of FAES. Lane M: Protein molecular marker.
Lanes 1-5 contain elution samples with the protein of interest. (B) SDS-PAGE gel for the
purification of FAE6. Lane M: Protein molecular marker. Lanes 1-5 contain elution samples

with FAE®6.
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A summary of nickel affinity chromatography purification for FAES and FAE®6 is provided in
table 3.1. The activity was determined under standard enzyme assay conditions as described in
section 3.3.9 and the concentration was determined (as described in section 3.3.8). For FAES
purification, the yield and purification fold were estimated to be 97.04% and 2.57, respectively.
The FAE6 was purified with a yield of 91.11% and purification fold of 2.83. The data
summarized in Table 3.1 confirmed that both enzymes were purified in sufficient yields for use

in subsequent enzyme assay experiments.

Table 3.1: Purification table for the purification of FAES and FAE6 by IMAC

Purification Total protein Total Specific activity Yield Purification
step (mg) activity (U) (U/mg) (%) fold

FAES Crude 41.12 2.70 0.066 100 1

FAE6 Crude 47.04 3.15 0.067 100 1

FAE5 Ni-NTA  15.69 2.62 0.17 97.04 2.57

FAE6 Ni-NTA  14.65 2.87 0.19 91.11 2.83

3.5. Conclusion

Sequence analysis confirmed that the expression vector, pET28a, contained the desired genes.
IPTG-induced expression in E. coli BL21 (DE3) cells led to high levels of expression for both
recombinant FAEs. SDS-PAGE analysis results after induction studies revealed that sufficient
yields of soluble proteins were obtained within 6 hours. SDS-PAGE analysis after nickel
affinity chromatography purification indicated that both recombinant enzymes were purified
to homogeneity with high recovery yields and folds of purification. The recombinant FAEs
were therefore produced and purified in sufficient yields for subsequent use in the following

characterisation and application studies.
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Chapter 4: Partial characterisation of purified feruloyl esterases
and commercial xylanases

4.1. Introduction

Xylan is a major hemicellulose component of many non-woody materials (agricultural crops)
such as grasses and cereals. It is a heterogeneous polysaccharide with a backbone made up of
B-1,4-linked xylose units. The enzymatic hydrolysis of xylan requires various xylanolytic
enzymes (Malgas et al., 2019). Among these enzymes, xylanases are primarily responsible for
catalysing the depolymerisation of the xylan backbone into short-chained XOS. In addition,
FAEs are also key in the enzymatic hydrolysis of xylan as they catalyse the removal of side
decorations (hydroxycinnamic acids) which may pose steric hindrance to the xylanases. The
biochemical properties of these enzymes have important implications in the biodegradation of
xylan, and their characterisation is an important prerequisite for their successful application in
industry. In recent years, xylanolytic enzymes have received a great deal of attention because
of their diverse application in the pharmaceutical, food, and feed industries and for sustainable

production of fuels and fine chemicals (Juturu and Wu, 2012; Silva et al., 2015).

Xylanases have been purified from several sources including bacteria and fungi, and these
show significant variations in biochemical properties such as isoelectric point, molecular
weight, and optimal hydrolytic reaction conditions (Malhotra and Chapadgaonkar, 2018;
Bhardwaj et al., 2019). Among the commercially available xylanases, GH11 xylanase (Xyn11)
from Thermomyces lanuginosus and GH10 xylanase (XT6) from Bacillus stearothermophilus
T6, are commonly used. Khucharoenphaisan and Sinma (2011) expressed a 7. lanuginosus
xylanase in E. coli in order to investigate the effect of its signal sequence on its biochemical
properties. The study showed an optimum pH value of 7.0 and an optimum temperature of
70°C, which were similar to those of the original enzyme expressed by the host. For the
xylanase from B. stearothermophilus, the pH and temperature optima have been reported to be
approximately 6.5 and 70°C, respectively (Mangan et al., 2017). In terms of FAE:s, it has been
reported that the majority of well characterised FAEs show a broad range of biochemical
properties, including and optimum pH of between 3.0 and 10.0 and a temperature range of 20-
75°C (Oliveira et al., 2019). The optimum hydrolytic reaction conditions for these two
xylanases seem to be within the range reported for most characterised FAEs, making them
suitable candidates for the formulation of xylanolytic enzyme cocktails for the efficient

degradation of xylan-rich lignocellulosic biomass.
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In the present study, purified recombinant FAEs (FAES and FAE6) and commercially available
xylanases (Xynll and XT6) were partially characterised for their biochemical properties

including product inhibition profiling.

4.2. Aim and objectives

4.2.1. Aim
To perform partial characterisation of purified recombinant FAE5 and FAE6, and the

commercial xylanases.

4.2.2. Objectives

To achieve this aim, the following objectives were set:

To determine the specific activity of enzymes on model substrates;
To determine the temperature optimum of the enzymes;

To determine the thermo-stability of the enzymes;

To determine the pH optimum of the enzymes;

To determine the effect of metal ions on FAE activity;

YV V. V V V V

To conduct product inhibition studies on the enzymes.

4.3. Materials and methods

4.3.1. Materials

The recombinant enzymes, FAES and FAE6, were expressed and purified in Chapter 3.
Xylanase (Xynl11, GH11) from Thermomyces lanuginosus, ferulic acid, Remazol Brilliant Blue
R-p-xylan and ethyl ferulate were purchased from Sigma-Aldrich (St Louis, USA). Xylanase
(XT6, GH10) from Bacillus stearothermophilus T6 and insoluble wheat arabinoxylan were

purchased from Megazyme™ (Bray, Ireland).

4.3.2. Specific activity determination
4.3.2.1 FAE activity on ethyl ferulate
FAE activity was determined by measuring the amount of FA released from ethyl ferulate
(EFA). In a 1.5 mL Eppendorf tube, the reaction (1 mL) was carried out in sodium phosphate
buffer (50 mM, pH 7.4) that contained 1 mM EFA. The reaction was started by the addition of

an appropriately diluted enzyme solution. The reaction was conducted for 15 minutes at 40°C,
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followed by incubation at 100°C for 5 minutes to terminate the enzymatic activity. The
concentration of FA was quantified using a Shimadzu HPLC system (Shimadzu Corp, Japan)
equipped with a diode array detector (DAD), where chromatographic separation was achieved
on a Phenomenex® CI18 5 um (150 x 4.6 mm) LC column (Torrance, US A). Ambient
conditions were used for analysis. The mobile phase A was 0.01 M phosphoric acid and the
mobile phase B was HPLC grade acetonitrile. The isocratic mobile phase consisted of A: 70%
and B: 30% and ran for 10 minutes at a flow rate of 0.8 mL/min. The injected sample volume
was 10 uL and the UV absorption of the effluent was monitored at 320 nm. One unit of enzyme
activity was defined as the amount of enzyme that released 1 pmol of FA per minute under
standard conditions. A FA standard curve was constructed for the estimation of enzyme

released FA (see Appendix Figures B.5.1 and C.1.2).

4.3.2.2. Xylanase activity

4.3.2.2.1. Xylanase activity on insoluble wheat arabinoxylan

For xylanase activity assay, 10 mg/mL of insoluble wheat arabinoxylan (WAX) was used as a
substrate. The reaction mixture consisted of 300 puL of 1.33% (w/v) substrate dissolved in 50
mM sodium phosphate buffer (pH 7.4) and 100 pL of properly diluted enzyme. After 15
minutes of incubation at 40°C, the enzymatic activity was terminated by incubation at 100°C
for 5 minutes, followed by centrifugation at 16 060 x g for 5 minutes. The xylanase activity
was determined by measuring the amount of reducing sugars produced (see section 4.3.3.
below). One unit of enzyme activity was defined as the amount of enzyme that released 1 umol

of reducing sugars per minute under the assay conditions specified.

4.3.2.2.2. Xylanase activity on Azo-Xylan (birchwood)

For reactions containing compounds that interfere with the DNS assay, xylanase activity assay
was performed using Azo-Xylan (birchwood) as a substrate. The reaction mixture consisted of
200 pL of 1% (w/v) of substrate solution and 200 pL buffered enzyme solution (50 mM sodium
phosphate buffer, pH 7.4). After 15 minutes incubation at 40°C, the enzymatic activity was
terminated by the addition of 1 mL 95% (v/v) ethanol, followed by vigorous stirring on a vortex
mixer and incubation at room temperature for 5 minutes. Non-hydrolysed substrate precipitated
by ethanol was removed by centrifugation at 1000 x g for 10 minutes. A 200 puL of solution
supernatant was transferred into a 96 well plate and the absorbance was measured at 590 nm.

For preparation of the control, 200 pL of 50 mM sodium phosphate buffer, (pH 7.4) was used
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in place of a buffered enzyme solution. A Remazol brilliant Blue R standard curve was used to

calculate the quantity of product produced.

4.3.3. Reducing sugar quantification

The concentrations of reducing sugars were measured using 3,5-dinitrosalicylic acid (DNS)
method described by Miller, (1959). Briefly, a 150 pL of sample was mixed with 300 pL of
DNS reagent followed by boiling for 5 minutes. Reducing sugars were estimated using a xylose

standard curve (see Appendix Figures B.2.1 and B.2.2).

4.3.4. Temperature optimum determination

To determine the temperature optimum, the enzyme reactions were carried out at temperatures
ranging from 30°C to 70°C in 50 mM sodium phosphate buffer (pH, 7.4). Enzyme activity was
determined by standard activity assay as described in section 3.3.9 for FAE activity and

4.3.2.2.1 for xylanase activity.

4.3.5. Thermo-stability determination

Thermo-stability of the enzymes was investigated by incubating the enzyme without substrate
at two temperatures; 40°C and 50°C, in 50 mM sodium phosphate buffer (pH 7.4). The residual
enzyme activity was determined at various time intervals (from 1 to 24 hours) using the
standard activity assays described in section 3.3.9 for FAE activity and 4.3.2.2.1 for xylanase
activity. Enzyme activity without any incubation period (i.e. time interval of 0 min) was

considered as 100%.

4.3.6. pH optimum determination

To evaluate the pH optimum, the enzyme activity was measured over a pH range from 3.0 to
11.0 in universal buffer (Britton and Robinson, 1931). Incubation was carried out at a constant
temperature of 40°C and enzyme activity was determined using standard activity assays as

described in section 3.3.9 for FAE activity and 4.3.2.2.1 for xylanase activity.

4.3.7. Effect of metal ions on the FAE activity

To evaluate the effect of divalent metal ions on FAE activity, the enzyme was incubated with
I mM and 10 mM of salt solutions (MgSOs, CoSO4, FeSO4, MnSO4, CaCla, ZnSOs, CuSO4)
in 50 mM sodium phosphate buffer (pH, 7.4). The enzyme activity was determined using
standard activity assay as described in section 3.3.9. The enzyme activity without any addition

of metal ions was considered as 100%.
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4.3.8. Product inhibition studies

To evaluate the effect of hydrolysis products on FAE activity, the enzyme was incubated with
5 mM to 50 mM of FA and xylobiose in 50 mM sodium phosphate buffer (pH, 7.4). The
enzyme activity was determined using standard activity assay as described in section 3.3.9. The
enzyme activity without any addition of metal ions was considered as 100%. For the
determination of xylobiose and FA inhibition effects on xylanase activity, the standard activity
assay described in section 4.3.2.2.2 was used. The enzyme activity without addition of

xylobiose or FA was considered as 100%.

4.3.9. Statistical analysis
All statistical analyses were performed by GraphPad Prism 6.0 software using the t test. A p
value less than 0.05 was considered to illustrate statistical significance between compared data

sets.

4.4. Results and discussion

4.4.1. Specific activity determination

FAEs and xylanases are able to act on a variety of substrates, including agricultural residues,
releasing valuable compounds (e.g. FA, p-CA and XOS). These enzymes are widely used in
the food, feed, pulp and paper, and pharmaceutical industries, as well as in biofuel production.
These broad applications often require various types of enzymes to fit specific operating
conditions such as temperature and pH. In this section, physico-chemical properties and
product inhibition profiles of recombinant FAEs (FAE5 and FAE6) and commercially
available xylanases (Xynll and XT6) were investigated. The enzymes were tested for their
specific activities on EFA and WAX at 40°C using sodium phosphate buffer (50 mM, pH 7.4)
(Table 4.1). As expected, both Xynl1 and XT6 were only active on WAX, while FAES and
FAEG6 showed activity only on EFA. FAES and FAE6 demonstrated relatively similar feruloyl
esterase activities of 28.36 U/mg and 27.34 U/mg, respectively. These specific activities were
less than those reported by Rashamuse et al. (2014). Their study reported that FAES showed a
specific activity of 53.2 U/mg and FAE6 showed 39.94 U/mg using EFA as a substrate. It is
possible that the differences observed in specific activities are associated with different
recombinant production and purification approaches. For xylanase, XT6 displayed a specific
activity of 10.25 U/mg, this value was quite close to the specific activity (12 U/mg) reported
on the data booklet for this enzyme (Megazyme™, Ireland) and Xynl11 displayed a specific
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activity of 15.08 U/mg. All the tested enzymes displayed expected results and this specific
activity data is very useful in the subsequent formulation of xylanases-FAEs cocktails for the

degradation of complex substrates.

Table 4.1: Specific activities of the enzymes assessed in this study (U/mg protein).

Substrate Enzyme tested

Xynl1l XT6 FAES FAE6
WAX? 15.08 £ 0.30 10.25+0.46 Nd Nd
EFAY Nd Nd 28.36 £0.56 27.34+0.76

“_Analysed by DNS method for xylanase activity and "-analysed by HPLC DAD for feruloyl

esterase activity. The data presented are averages of triplicate values. “Nd” = Not detected.

4.4.2. Temperature optimum determination

The profiles of enzyme activities as a function of temperature are presented in Figure 4.1. The
optimum temperature of each enzyme was measured by incubating the reaction mixture over a
temperature range from 30°C to 70°C. According to the data presented in Figure 4.1A, FAES
showed maximal activity around 40°C and retained more than 80% activity at 45°C. However,
the activity decreased dramatically from 50°C to 70°C, retaining about 40% and 16% of the
maximum activity, respectively. The optimum temperature of FAE6 was found to be 40°C as
well and about 83% and 67% of the maximum activity were retained at 45°C and 50°C,

respectively (Figure 4.1B). These findings coincided well with the optimum temperature

reported for FAES and FAE6 by Rashamuse et al. (2014).
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Figure 4.1: Effects of temperature on the activities of FAEs and xylanases. (A) FAES, (B)
FAE®6, (C) Xynll and (D) XT6. Enzyme activities were expressed as percentages of the
maximal activities at the optimum temperatures. Each point presented is the average + standard

deviations of triplicate values.

A few studies have reported the optimum temperature for metagenome derived FAEs be around
40°C (Wu et al., 2019; Wong et al., 2019). Contrary to the findings for FAES and FAES®,
Xynl1 (Figure 4.1C) remained active over a wide range of temperatures, retaining about 78%
to 84% activity between 40°C and 70°C, respectively. The maximum activity for this enzyme
appeared be to around 55°C. This optimum temperature was comparable to other Thermomyces
derived xylanases (Shrivastava et al., 2013; Kumar and Shukla, 2018). This remarkable
tolerance over a wide range of temperatures is a very useful property, especially for synergistic
interaction studies. The maximum activity for XT6 was observed at 70°C but the enzyme
retained more than 45% activity at 40°C (Figure 4.1D). The findings were expected since this

is a thermophilic enzyme (Hegazy et al., 2019). Except for XT6, all the enzymes tested showed
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substantially high hydrolytic activities around 40°C, and this temperature was therefore

selected as the temperature at which to perform the synergy studies.

4.4.3. Thermo-stability determination

The thermostability of the enzymes was examined by measuring the enzymatic activity after
incubation at 40°C and 50°C (Figure 4.2). As shown in Figure 4.2A, after 1 hour incubation,
FAES lost about 50% activity within an hour of incubation at 40°C and 50°C. The enzyme was
able to maintain about 50% activity throughout the 24 hour incubation period. As for FAE6,
the enzyme could retain more than 90% activity at 40°C after 1 hour incubation and around
80% after 24 hour incubation period (Figure 4.2B). However, the activity dramatically
decreased at 50°C - the enzyme could only retain about 45% activity after 1 hour incubation
and around 30% activity after 24 hour incubation. Interestingly, Xynl1 and XT6 displayed
activation at both 40°C and 50°C. Xynl1 displayed a slight activation of about 20% at 40°C
and 10% at 50°C after 24 hour incubation (Figure 4.2C). This trend was much more pronounced
for XT6 (Figure 4.2D) as the activity was almost triple at 40°C and double at 50°C after 6 hour
incubation. The activity observed remained relatively high even after 24 hour incubation at
both temperatures. The activation of these two enzymes might be due to the fact that their
thermostability was conducted at temperatures lower that their optimum temperature, which
was 55°C and 70°C for Xynll and XT6, respectively. Overall, the thermostability data
indicated that these enzymes have satisfactory catalytic capabilities at 40°C for a period of 24

hour which is sufficient for bioconversion processes.
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Figure 4.2: Determination of the thermostability of FAEs and xylanases. (A) FAES, (B)
FAE®6, (C) Xynl1 and (D) XT6. Thermo-stability was measured by incubating the enzyme at
different temperatures (40°C and 50°C). The residual activity was measured by collecting
samples at 1 hour, 3 hour, 6 hour and 24 hour. Enzyme activities without incubation (i.e. time

= (0) were defined as 100%. Each dat point represents the average + standard deviations of

triplicate assays.

4.4.4. pH optimum determination

The enzyme activity profiles as a function of pH were also determined and the data is presented
in Figure 4.3. This study was conducted to determine the pH range at which the highest activity
profiles of the enzymes selected for this study overlap. FAES was active at neutral pH, with
more than 85% of its activity observed between pH 7.0 and 8.0 (Figure 4.3A). The maximum
activity was observed at pH 7.0. A similar trend was observed for FAE6, the enzyme retained
more than 80% of its activity at a very narrow range of pH 7.0 and 8.0 (Figure 4.3B). The pH
for the optimum activity of FAE6 was determined to be 7.5, which is relatively similar to the
optimum pH of FAES. The activity profiles of FAEs reported in this study are consistent with

other recombinant FAEs derived from rumen microbial metagenome (Wong et al., 2013; Wu
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et al., 2019). Xynl1 displayed a broad pH range, retaining more than 80% of its activity
between pH 6.0 and 10 (Figure 4.3C). XT6 showed a similar broad pH range to Xynll1,
although their overall pH activity profiles appeared quite different (Figure 4.3D). This enzyme
retained more than 70% of its activity between 5.0 and 9.0, showing optimum activity at pH
7.0. The pH optimum trend observed for XT6 was similar to the trend reported by Anand and
co-workers (2013), where a Geobacillus derived xylanase was active in a broad range of pH
(5.0 -10.0). All the enzymes evaluated in this study displayed appreciable activities at neutral
pH.
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Figure 4.3: Effect of pH on the activities of FAEs and xylanases. (A) FAES, (B) FAE6, (C)
Xynl1 and (D) XT6. Enzyme activities were expressed as percentages of the maximal activities
observed at the optimal pH. Each data point represents the average + standard deviations of

triplicate assays.
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4.4.5. Effect of metal ions on the FAE activity

The effect of several metal ions on the activities of FAE5 and FAE6 was evaluated. This was
conducted in order to identify metal ions that could potentially enhance the activity of these
two enzymes. There is considerable evidence that bivalent metal ions can have an activating
effect on FAE activity. A recombinant FAE from Aspergillus niger (AnFaeA) showed a 2.1-
fold increase in activity when Fe?" was added in the reaction mixture (Zhou et al., 2015). Liet
al. (2018) reported that the activity of novel FAE-Xuan was enhanced by addition of K", Na*
and Mg?" to 120, 131, and 116% of its maximum activity, respectively. However, the
mechanism by which these metal ions activate FAEs is not well elucidated. As indicated in
Figure 4.4, there were no metal ions capable of activating both FAES and FAE6. There was
no significant loss of FAES5 activity observed in the presence of Co®" (at low concentration. 1
mM), Ca**, Fe*, Mg?** and Mn?" (Figure 4.4A). However, high concentrations (10 mM) of
Zn*', Co?" and Cu*" significantly reduced the enzyme activity. A relatively similar pattern was
also observed for FAE6 activity (Figure 4.4B), except for Zn>" where the enzyme could only
retain less than 20% activity for both low and high concentrations. The strong inhibition
showed by Zn** was expected, because Zn?>" ions are known to bind strongly to proteins (Maret,
2013). It has been reported that Zn>" ions have high binding affinity for enzymes which have
active sites that contain catalytic triads with glutamate (aspartate), histidine and cysteine
residues, which are all known to be zinc-binding ligands (Maret, 2013). FAEs are known to
contain the classical catalytic triad at the core of the active site which is composed of serine,
histidine, and asparagine residues (Ser-His-Asp) (Uraji et al., 2018). Overall, the data indicated
that there was no metal ion that could enhance the activities of FAES and FAE6.
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4.4.6. Product inhibition studies

Factors limiting the efficient enzymatic release of FA and reducing sugars from various
lignocellulosic materials have been well described. Some of these factors are based on the
structural features of the substrate and are greatly influenced by the interactions between
substituents present on the polysaccharides and other cell wall components (Wong et al., 2013).
The inhibitory effects of end-products on enzymatic hydrolysis appear to be one of the major
limiting factors to biomass conversion (Andric et al., 2010). The inhibitory effect of FA on
FAE activity and its impact on FA release from lignocellulosic substrates has been investigated
(Xiros et al., 2009). As shown in Figure 4.5, enzymatic reactions were performed in the
presence of various FA concentrations (5-100 mM). A significant decrease (56%) in FAES
activity was observed for a FA concentration of 5 mM, while higher FA concentrations
completely abolished enzyme activity (Figure 4.5A). FAE6 could tolerate a FA concentration
of 5 mM as the enzyme retained 87.5% of its maximum activity, but no activity was observed
in the presence of higher FA concentrations (Figure 4.5B). An earlier study evaluated the
inhibitory effect of FA with a concentration range of 0 - 0.75 mM and reported a decrease in
end-product release of about 87% (Xiros et al., 2009). The FA inhibition findings from this
study demonstrated that FAES and FAEG6 could still maintain appreciable activity levels in the
presence of 5 mM FA. The amount of FA released during hydrolysis of complex substrates is
unlikely to reach extremely high concentrations as the total hydroxycinnamic acid contents of

various complex substrates range between 0.08 mg/g and 33 mg/g (Gopalan et al., 2015).

Furthermore, the effect of the presence of FA on xylanases activity was also investigated. The
influence of FA on xylanase activity during degradation of biomass has been reported
previously. Monclaro et al. (2019) showed that FA is able to cause a conformational change in
AtXyll (GH11 xylanase from Aspergillus niger), which could influence fitting of the substrate
into the active site. It has been reported that phenolic compounds are likely to inhibit glycoside
hydrolases non-competitively, because these compounds do not share structural similarities
with the substrates of these enzymes (Surendran et al., 2018). In the present study, Xynl1 was
not significantly inhibited by FA at all the concentrations evaluated (Figure 4.5C). The
inhibitory effect of FA on the activity of XT6 was only observed at a concentration of 50 mM
(Figure 4.5D). Other studies have demonstrated that xylanase activity is stimulated by the
addition of FA. For example, da Silva et al. (2019) reported that the endo-xylanase activity
from Aspergillus japonicus was stimulated by FA (residual activity of 177.26%). The effect of

FA on xylanase activity appears to be influenced by the type of substrate used (Monclaro et al.,
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2019). In summary, no significance impact of FA on xylanase activity was observed, except
for the activity of XT6 in the presence of a high concentration of FA (50 mM). This
characteristic tolerance of xylanases to hydroxycinnamic acid during hydrolysis indicates that
these enzymes could be used in synergy studies with FAEs for the efficient release of FA from

agricultural residues.
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Figure 4.5: The effect of FA on FAE and xylanase activity. (A) FAES, (B) FAE®6, (C) Xynl1
and (D) XT6. FA was added into the reaction mixture to a final concentration of between 5
mM and 50 mM. Averages and standard deviations from three replicate experiments are
presented. Statistical analysis was conducted using a t-test for inhibition of enzyme activity by

FA compared to the activity in the absence of FA, key: * (p value < 0.05).



The inhibitory effects of the end products produced during xylanase hydrolysis on the enzyme
activities were also investigated. Several studies have shown that the main hydrolysis products
released from various xylan-rich materials by some xylanases consists mainly of xylobiose
(Bragatto et al., 2013; Khandeparker et al., 2017; Singh, R. D. et al., 2018). However,
xylobiose is also known to potentially inhibit xylanases, which could further limit the
production of XOS by the enzymes (Jommuengbout et al., 2009). Therefore, it was important
to evaluate the inhibitory effect of xylobiose on enzyme activities. FAE and xylanase activities
were measured in the presence of xylobiose at a concentration of 0 — 50 mM (Figure 4.6). There
was no significant effect of xylobiose on the activities of FAES (Figure 4.6A) and FAE6
(Figure 4.6B). It was also found that the xylanase activities of Xynl1 and XT6 (Figures 4.6C
and D) were reasonably constant, even in the presence of 50 mM xylobiose. Information on
the effect of XOS on FAE activity in the literature is very limited. The results obtained in this
study show that xylobiose (at a concentration range of 0 — 50 mM) had no effect on the activities
of the enzymes. Therefore, the enzymes selected for this study could be used in studies that
involve the efficient enzymatic production of hydroxycinnamic acids and XOS from various

substrates.
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Figure 4.6: The effect of xylobiose on FAE and xylanase activity. (A) FAES, (B) FAE®6, (C)
Xynl1 and (D) XT6. Xylobiose was added into the reaction mixture to a final concentration of
5 mM, 20 mM or 50 mM. Averages and standard deviations from triplicate experiments are
presented. Statistical analysis was conducted using a t-test for inhibition of enzyme activity by

xylobiose compared to the activity in the absence of xylobiose, key: * (p value < 0.05).
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4.5. Conclusion

In the present study, two novel metagenome-derived FAEs (FAE6 and FAE6) and commercial
xylanases (Xynl1 and XT6) were partially characterised with respect to their physico-chemical
properties. The enzymes exhibited acceptable specific activities and the data revealed that there
was no cross reactivity between the enzymes on the substrates tested. This indicates that there
is a reduced chance of substrate competition occurring when the enzymes are applied in
synergy studies. The pH and temperature optima for both FAEs were 7.0 and 40°C,
respectively. Xynl1 and XT6 retained high activities over a broad pH range, and the pH optima
of FAEs were within this range. All the enzymes exhibited reasonable thermostability over an
incubation time of 24 h, except for FAES which could only retain about 50% of its maximum
activity. The metal ions tested did not show any activation of FAE activities — instead, some of
them showed an inhibitory effect. Both Xynl1 and XT6 showed high tolerance to the major
end products, FA and xylobiose. The data from this study indicated that the physico-chemical
properties of FAEs overlapped nicely with the operating conditions of Xynll and XT6.
Therefore, these enzymes could be used in the formulation of synergistic enzyme cocktails for

the efficient release of hydroxycinnamic acids and XOS from various agricultural residues.
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Chapter 5: Pre-treatment of agricultural residues and the impact
of their pre-treatment by-products on enzymes

5.1. Introduction

The enzymatic degradation of lignocellulosic biomass is considered a safe and environmentally
friendly method for the production of VAPs. However, a few challenges are associated with
the valuable utilisation of lignocellulosic biomass. Some of the major factors impeding its use
include the degree of lignification, crystalline nature of cellulose, and the structural
heterogeneity and complexity of plant cell wall components (Guerriero et al., 2016). In this
regard, the pre-treatment process is a significant step for achieving success in the biochemical
conversion method. The main goal of pre-treatment is to decrease the recalcitrance of
lignocellulosic biomass to enzymatic hydrolysis by partially breaking down the close inter-
component association between lignin and carbohydrates (Jonsson and Martin, 2016). The
proportions and composition of cellulose, hemicelluloses and lignin differ between various
types of biomasses and these should be considered when selecting a pre-treatment method

(Dahadha et al., 2017).

Some of the commonly used pre-treatment strategies include hydrothermal and dilute acid
methods. Hydrothermal pre-treatment utilises water in liquid phase or in vapour phase at
elevated temperatures (160-240°C), and wide range of pressures (Hu and Ragauskas, 2012).
Dilute acid pre-treatment is considered to be a promising procedure for decreasing the
recalcitrance of lignocellulosic biomass. This pre-treatment has been extensively studied using
several agricultural residues such as rice straw (Kapoor et al., 2017), corn stover (Liu, Q. et al.,
2016), wheat straw (Ji et al., 2015) and sugar beet pulp (Zheng et al., 2013). Requirements for
this method include relatively high temperatures (120 to 215°C), pressure (2 to 10 atm), low
acid concentrations (0 to 5%, w/w) and residence times ranging from 10 to 120 minutes
(Solarte-Toro et al., 2019). In general, higher-severity pre-treatment conditions are associated
with solubilisation of parts of the hemicellulose fraction and undesirable cellulose degradation
leading to the generation of inhibitory compounds such as furfural, hydroxymethylfurfural
(HMF), formic acid, and levulinic acid (Kim, 2018). It has been demonstrated that the
solubilisation of hemicellulose can be minimised when pre-treatment is performed at low to
mild severity (Nitsos et al., 2013). Therefore, the operating conditions for pre-treatment

methods should be in line with the aims of the overall enzymatic conversion process.
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Several analytical techniques have been developed to study the effects of pre-treatment
methods on lignocellulosic biomass. These techniques are mainly used to gain deeper insights
into the structural aspects of biomass which include composition, crystallinity, pore size,
surface properties and degree of polymerisation (Karimi and Taherzadeh, 2016). To determine
the overall efficiency of the pre-treatment process, it is necessary to examine the composition
of lignocellulosic biomass before and after pre-treatment. Different methods have been
developed for the compositional analysis of untreated and pre-treated biomass, and these are
mainly based on estimation of the carbohydrate and lignin content. One of the most extensively
used methods is that developed by Sluiter et al. (2008), provided by the National Renewable
Energy Laboratory (NREL). This method uses a two-step acid hydrolysis approach where
polymeric carbohydrates are converted into their monomeric sugars. The acid hydrolysis leads
to fractionation of lignin into acid insoluble material and acid soluble material. The monomeric
sugars, acid soluble material and acetyl content can be measured using a couple of techniques

such as HPLC and UV-Vis spectroscopy.

To achieve reasonable conclusions about the effects of the pre-treatment process, it is necessary
to assess surface, chemical and morphological characteristics of biomass. Scanning electron
microscopy (SEM) and Fourier transform infrared spectroscopy (FTIR) are among the
powerful tools used to examine physico-chemical characteristics of biomass. FTIR has been
applied in qualitative and quantitative analysis of biomass as is time-efficient and requires very
small amounts of sample material (Xu et al., 2013). This technique is based on information
about molecular bond vibrations induced by infrared radiation, and it can be used to assess
variations in functional groups and other structural features. Another important technique to
investigate the impact of pre-treatments on disrupting biomass is imaging analysis, and SEM
is one of the tools widely used for evaluation of surface characteristics (Amiri and Karimi,
2015). Because of its relatively high resolution, SEM can provide information about surface
erosion, and re-localisation of cell wall constituents (Donohoe et al., 2011). All these analysis
techniques help in providing information about the mechanisms by which pre-treatment

improves the enzymatic degradation of biomass.

In this chapter, hydrothermal and dilute sulfuric acid pre-treatment methods were applied to
agricultural residues (rice straw, sugarcane bagasse and corn cob). The effect of pre-treatment
on these residues was investigated by conducting compositional and morphological analysis of

the untreated and pre-treated agricultural residues.
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5.2. Aims and objectives

5.2.1. Aims
To perform pre-treatment on and chemical characterisation of agricultural residues and to the

impact of pre-treatment by-products on FAE activity.

5.2.2. Objectives

To achieve these aims the following objectives were set:

» To pre-treat agricultural residues using the dilute acid and hydrothermal pre-treatment
methods

» To conduct compositional analysis of the untreated and pre-treated agricultural
residues;

» To study morphological changes on untreated and pre-treated agricultural residues
using microscopic techniques;

» To assess chemical changes on untreated and pre-treated agricultural residues using
FTIR;

» To evaluate the impact of model pre-treatment by-products on enzyme activity; and

» To evaluate the impact of wash liquors prepared from pre-treated agricultural residues

on enzyme activity.
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5.3. Materials and methods
5.3.1. Materials

The agricultural residues selected for pre-treatment were rice straw (RS), sugarcane bagasse
(SCB) and corn cob (CC). SCB used was obtained from Ushukela Milling (Pty) Ltd., Durban,
South Africa. CC was obtained from a local supermarket, Grahamstown, in the Eastern Cape
Province of South Africa and RS was obtained from the School of Bioresources and

Technology, King Mongkut’s University of Technology Thonburi, Bangkok, Thailand.

5.3.2. Pre-treatment of agricultural residues

All substrates were milled using a Platinum coffee grinder and the fractions passing through a
wire sieve mesh was used for subsequent pre-treatment. Substrates were treated using either a
hydrothermal pre-treatment or a dilute acid pre-treatment. A total of 10 g of substrate was
suspended in Milli-Q water (for hydrothermal treatment) or in a 0.5% (w/w) sulphuric acid
solution (for dilute acid treatment) (solid: liquid ratio of 1:10) and autoclaved for 20 minutes
at 121°C. The pre-treated substrate solution was filtered, followed by washing the solids

repeatedly with Milli-Q water and then oven drying to constant weight at 50°C for 48 hours.

5.3.3. Chemical characterisation of agricultural residues

The total carbohydrates of untreated and pre-treated substrates were determined using a
modified sulphuric acid method described by Sluiter et al. (2010). A total of 300 mg of each
substrate was hydrolysed with 72% (v/v) sulphuric acid at 30°C for 1 hour with intermittent
stirring using glass rods. The solution was then diluted to 3% (v/v) sulphuric acid with Milli-
Q water and autoclaved for 1 hour to solubilise the carbohydrate fraction. Following the
hydrolysis, fractions were filtered to remove the insoluble lignin from the solution, the
carbohydrate content, including, glucan, xylan and arabinan, was estimated using Megazyme
sugar kits (K-GLUC, K-XYLOSE and K-ARGA, see Appendix Figures B.4.1, B.4.2 and
B.4.3), and total reducing sugars were determined using the DNS method as described in

section 4.3.3.

Determination of hydroxycinnamic acid content was carried out by performing alkaline
hydrolysis. The experiments were performed as follows: 10 mg of untreated or pre-treated
substrate was treated with 1 M NaOH solution for 24 hours at room temperature in the dark.
The liquors obtained from alkaline treatment were separated from the solid fractions by

centrifugation at 16 000 x g for 5 minutes. The liquors were neutralised by 2 volume
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equivalents of 1 M HCI and analysed by HPLC as described in section 4.3.2.1. All the

hydrolysis experiments were conducted in triplicate.

5.3.4. Microscopic analysis of agricultural residues

5.3.4.1. Scanning electron microscopy analysis
A scanning electron microscope (SEM), JOEL JSM 840, was used to study the morphological
structure of untreated and pre-treated substrates. Substrates were mounted on a metal stub with

adhesive tape and coated with a thin layer of gold using a sputter coater prior to SEM analysis.

5.3.4.2. Light microscopy analysis

The Wiesner test was used for the detection of lignin in untreated and pre-treated substrates as
described by Abbott et al. (2002), with slight modifications. Phloroglucinol staining was
performed as follows: samples were soaked in phloroglucinol staining solution (two parts of
5% (w/v) phloroglucinol in 95% (v/v) ethanol with one part concentrated hydrochloric acid)
and left at room temperature for 5 minutes. The images showing colour changes in substrates

were recorded using an Olympus DP72 digital camera on an Olympus BX40 light microscope.

5.3.5. FTIR analysis

In order to obtain information on the chemical changes that occur during pre-treatment, FTIR
analysis of untreated and pre-treated substrates was conducted using a Spectrum 100 FTIR
spectrometer system (Perkin Elmer, Wellesley, MA). FTIR spectra were recorded in
quadruplicate at a range of 650-4000 cm™ with a resolution of 4 cm™!. The data obtained was

edited using the Spectrum One software.

5.3.6. Determination of water retention capacity of agricultural residues

Water retention capacity (WRC) of agricultural residues was measured using a modified
method by Brachet et al. (2015). Briefly, 1.5 mL of milli-Q water was added to 30 mg of
substrate material in an Eppendorf tube. After 1 hour incubation on a rotor (25 rpm) at room
temperature, the mixture was centrifuged (16 000 x g for 10 minutes at room temperature). The
supernatant was then removed using a pipette before WRC measurement. The hydrated
material was then placed in a fume hood for 10 minutes to evaporate excess water before

weighing. WRC was expressed as mL of water retained per g of biomass.
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5.3.7. The impact of pre-treatment by-products and wash liquors from agricultural

residues on enzyme activities

5.3.7.1. Pre-treatment by-products

To evaluate the impact of pre-treatment by-products on FAEs, a broad spectrum of compounds
known for their inhibitory properties were selected. These compounds included lignin, gallic
acid, vanillin, vanillic acid, p-coumaric acid, furfural, HMF and levulinic acid. The compounds
were evaluated individually in order to identify which compounds play a major role in
impacting on the activity of FAEs. All compounds were dissolved in milli-Q water and stored

at 4°C until use.

5.3.7.2. Pre-treatment by-products inhibition assays

The impact of various compounds generally during biomass pre-treatment was quantified by
measuring the residual enzyme activity after exposing FAES and FAEG6 to each compound.
The standard assay described in section 3.3.9 was performed in the presence of each compound
at a concentration range of 0.1 to 2 mg/mL. A reaction mixture without any compound was
used as a positive control. The pH of each concentration (in 50 mM phosphate buffer, pH 7.4)
for all compounds was monitored using a pH Test Strip (Languettes pH Test) to determine if
the effect observed was induced by changes in pH. The enzyme kinetics were also investigated,
and kinetic parameters were calculated using non-linear regression (GraphPad Prism 6.0) and
the inhibition patterns displayed by some of the compounds were determined using

Lineweaver-Burk (double-reciprocal) plots.

5.3.7.3. Preparation of wash liquors from pre-treated agricultural residues

The wash liquors of the dilute sulphuric acid and hydrothermal pre-treated RS, SCB and CC
samples were prepared as follows: a 10 mg/mL load of each pre-treated substrate was prepared
in 50 mM sodium phosphate buffer (pH 7.4) in a total volume of 20 mL. The suspensions were
shaken at 40°C for 24 hours, and the solids were then separated from the wash liquors by
centrifugation at 10 000 x g for 15 min at 4°C in an Avanti® J-E centrifuge and a JA-20 rotor
(Beckman Coulter). The pH was recorded witha BANTE INSTRUMENTS PHS-3BW Bench
TOP PH/MV/°C Meter. Wash liquors were stored at 4°C until use.
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5.3.7.4. Evaluation of the impact of wash liquors from agricultural residues on enzyme
activity

In order to evaluate the impact of wash liquors on enzyme activity, the standard assays
described in sections 3.3.9 and 4.3.2.2 were used. The 50 mM sodium phosphate buffer (pH
7.4) was replaced by wash liquors and all other substrates, enzyme solution and incubation
conditions remained the same. A reaction where wash liquors were substituted with a buffer

was included as a positive control.

5.3.8. Statistical analysis
All statistical analyses were performed by GraphPad Prism 6.0 software using the t test. A p
value less than 0.05 was considered to illustrate statistically significance between compared

data sets.

5.4. Results and discussion

5.4.1. Chemical characterisation of agricultural residues

Utilisation of lignocellulosic biomass for bioconversion requires a pre-treatment step, this is
due to the biomass recalcitrance caused by the structural heterogeneity and complexity of cell-
wall constituents. The main goal of pre-treatment is to enhance the enzymatic hydrolysis of
biomass for the production of value-added chemicals. However, some of the pre-treatment
methods can easily solubilise some parts of the carbohydrate fraction, mostly hemicellulose
(Rabemanolontsoa and Saka, 2016). To overcome this drawback, pre-treatment parameters
should be adjusted in a manner that will lead to high recovery of the biomass components while
retaining the ability to improve enzymatic digestibility. In this study, various agricultural
residues (CC, RS and SCB) were subjected to hydrothermal or dilute sulphuric acid pre-
treatment methods. To ensure that the hemicellulosic and hydroxycinnamic contents were
preserved in the solid fraction, an extremely low pre-treatment severity was applied for both
hydrothermal and dilute sulphuric acid pre-treatment methods. It has been shown that
hydrothermal pre-treatment conducted at higher severities (165-175°C and 20-40 minutes)
results in the solubilisation of xylan, arabinan and ferulic acid, but this effect is minimised at

moderate severities (155°C and 20 minutes) (Jiang et al., 2018).

The chemical characterisation of CC, RS and SCB was conducted to determine the recoverable
sugars and hydroxycinnamic acids after pre-treatment (Table 5.1). The quantification of other

plant cell-wall constituents such as lignin was omitted and the study focused solely on the
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analysis of glucan, xylan, arabinan, and hydroxycinnamic acids. As depicted in Table 5.1, the
percentage of xylan and arabinan for CC and SCB was higher in pre-treated samples than in
untreated samples. In contrast to the above observations, hydrothermal and dilute acid pre-
treatment methods resulted in slight decreases in xylan and arabinan contents for RS samples.
These differences in the contents may be partially attributed variations to structural features
which include the amount of hydroxycinnamic acids esterified to polysaccharides. In terms of
hydroxycinnamic acid content, the results suggest that the ester linkage survived the pre-
treatment conditions and that FA and p-CA remained linked to polysaccharides in the solid
fraction. The total hydroxycinnamic acid contents were approximately 1.35%, 1.08% and
2.11% for CC, RS and SCB, respectively. These values were within the range (0.5% to 2%,
extractable amount) reported for the majority of hydroxycinnamic acid-rich agricultural
residues (Kumar and Pruthi, 2014). The results presented in Table 5.1 shown that with low pre-
treatment severity, high amounts of polysaccharide and hydroxycinnamic acid could be

retained in the solid fraction.
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Table 5.1: Chemical composition of untreated and pre-treated agricultural residues (on

a percentage dry mass basis)

Glucan® Xylan® Arabinan® Total Ferulic p-coumaric

reducing acid® acid®

sugars®
Untreated
CC 30.86 11.46  7.79 53.00 0.61 0.63
RS 24.80 10.0 7.51 49.29 0.75 0.34
SCB 15.40 4.73 3.81 31.33 0.45 1.66
Hydrothermally treated
CC 36.03 13.47 11.24 62.38 0.68 0.61
RS 23.73 7.43 6.06 40.33 0.74 0.34
SCB 19.57 6.01 4.10 34.90 0.41 1.66
Acid treated
CC 32.58 1222 8.52 59.20 0.68 0.67
RS 24.10 9.33 7.37 48.10 0.81 0.37
SCB 19.71 7.03 3.84 35.83 0.39 1.62

“Megazyme sugar kits, " DNS method, “HPLC. The data represent the averages of triplicate

values. Corn cob (CC), rice straw (RS) and sugarcane bagasse (SCB).

5.4.2. Microscopic analysis of agricultural residues

5.4.2.1. SEM analysis for morphological changes

In order to determine the effect of pre-treatment, changes on the surfaces were studied for
untreated and pre-treated agricultural residues through SEM examination. SEM micrographs
of untreated and pre-treated samples are shown in Figure 5.1. The untreated samples (Figure
5.1A, D and G) appear to possess a compact and rigid structure constituted by parallel stripes
for RS (Figure 5.1D) and CC (Figure 5.1G). The intact surfaces showed little debris for RS and
SCB, while the surfaces of CC seem to be smooth. The effect of pre-treatment methods was
similar for all samples. The micrographs of pre-treated samples display collapsed and disrupted
surfaces with large amounts of hollow areas, as well as fibrous debris. The destruction of the
biomass fibres may result in increased enzyme-accessible surface area. The structural changes
induced by pre-treatment are known to decrease biomass recalcitrance which can lead to an

enhanced enzymatic hydrolysis of pre-treated biomass (Zheng et al., 2013).
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Figure 5.1: Morphological study of agricultural residues by SEM. SEM micrographs of
(A) untreated, (B) hydrothermal treated, (C) and acid treated CC; (D) untreated, (E)
hydrothermal treated, (F) and acid treated RS; (G) untreated, (H) hydrothermal treated, (I) and
acid treated SCB at 2kx magnification.

5.4.2.2. Light microscopy analysis
Morphological observations provided evidence of changes in the agricultural residues during
their pre-treatment. To gain a better understanding of these changes that occurred due to the

pre-treatment procedures, histochemical analysis of lignin distribution in untreated and pre-
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treated samples was conducted and the results are presented in Figure 5.2. Lignin has been
known to be a major hindrance to enzymatic hydrolysis as it forms a physical barrier that
restricts the access of enzymes to the substrate. Lignin modification increases cell wall porosity

which could potentially enhance enzymatic hydrolysis.

Figure 5.2: Histochemical analysis of lignin in untreated and pre-treated agricultural
residues using Wiesner's staining. (A) Untreated, (B) hydrothermal treated, and (C) acid
treated CC; (D) untreated, (E) hydrothermal treated, and (F) acid treated RS; (G) untreated,
(H) hydrothermal treated, and (I) acid treated SCB.

Figure 5.2 shows Wiesner's staining images of CC, RS and SCB, before and after pre-treatment.
All three substrates followed a similar trend, there were no substantial changes in lignin
distribution after applying hydrothermal and dilute sulphuric acid pre-treatment methods. This

was expected, because when dilute acid and hydrothermal pre-treatments are applied under
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mild conditions, they generally lead to partial disruption and structural modifications of lignin
but not substantial removal (Cao et al., 2012; Kellock et al., 2019). It has been reported that
modification of lignin structure by pre-treatment can enhance enzymatic hydrolysis of biomass

even without substantial lignin removal (Yoo et al., 2016).

5.4.3. FTIR analysis of untreated and pre-treated agricultural residues

FTIR spectroscopy is generally used to investigate the chemical changes and the structure of
constituents in lignocellulosic biomass after pre-treatment. In this study, FTIR analysis was
conducted to get an overall view of chemical modifications after subjecting agricultural
residues to two pre-treatment strategies. The FTIR spectra of the untreated agricultural
residues, as well as the dilute sulphuric acid and hydrothermally treated solids are displayed in
Figure 5.3. The absorption peaks at around the 1730 cm™ region are predominantly attributed
to the C=0 stretching vibration of the ester linkage of the carboxylic group of FA and p-CA of
lignin and/or hemicellulose (Gabhane et al., 2015). The FTIR spectra of untreated and pre-
treated CC (Figure 5.3A), and SCB (Figure 5.3C) show relatively similar intensities of these
peaks around this region, suggesting that changes due to pre-treatment did not solubilise
hemicellulose and hydroxycinnamic acids. A slight decrease in the intensity of peaks around
the 1730 cm™! region of pre-treated RS samples (Figure 5.3B) was observed. The hydrothermal
pre-treated CC sample (Figure 5.3A) displayed strong absorption bands around 1000 cm™ and
in the 3500-3200 cm™!' region mainly attributed to B-glycosidic linkages and OH groups of
glucose units, respectively (Chandra et al., 2016). These peaks which are associated with the
carbohydrate abundance were distinct in all the samples. The FTIR data is in agreement with
composition analysis data (Table 5.1), confirming that changes due to pre-treatment (observed
in SEM micrographs) did not lead to the removal of hemicellulose and hydroxycinnamic acids.
Overall, these results demonstrated that dilute acid and hydrothermal pre-treatment methods
modified the structure of these selected agricultural residues and led to the recovery of

hemicellulose in the solid fraction.
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Figure 5.3: FTIR spectra of untreated, hydrothermal treated and acid treated
agricultural residues registered in the range of 450-4000 cm'. (A) CC, (B) RS and (C)
SCB.



5.4.4. Determination of water retention capacity of agricultural residues

Biomass-water interactions have been used as an indirect measurement to evaluate biomass
recalcitrance. One such techniques is WRC which is defined as a measurement of the amount
of water that is retained by the lignocellulosic biomass after the application of centrifugation
or negative pressure (Sanchez et al., 2019). An increase in the amount of water retained by
biomass has been found to positively correlate with the improved biomass enzymatic
digestibility, and therefore suggests reduced biomass recalcitrance (Weiss et al., 2018). In this
study, WRC was used as a measure of the effectiveness of the selected pre-treatment methods
in increasing enzymatic digestibility of the agricultural residues. The results showing the WRC
of untreated and pre-treated agricultural residues are presented in Table 5.2. An increase of
about 15% in WRC was observed for hydrothermal and dilute acid pre-treated CC when
compared to untreated CC. For RS, the highest WRC measurements were obtained for pre-
treated samples when compared to the untreated sample. Hydrothermal and dilute acid pe-
treated RS samples resulted in an increase of 23.37% and 43.76%, respectively. On the other
hand, hydrothermal pre-treated SCB showed no substantial increase in WRC while a decrease
was observed for dilute acid pre-treated SCB. This was quite unexpected because SEM analysis
of pre-treated SCB was relatively similar to that of RS and CC (Figure 5.1), and SEM
micrographs also showed morphological changes which are usually associated with an
increased surface area of biomass. One likely explanation could be that the extremely low pre-
treatment severity applied in this study was not as effective for SCB when compared to RS and
CC. This might be due to the fact that SCB is known to contain a higher lignin content than RS
and CC (Sahare et al., 2012; Sakdaronnarong et al., 2014).

Table 5.2: Water retention capacity (WRC) of agricultural residues

Biomass WRC (mL/g)

Untreated Hydrothermal Dilute acid
CC 4.26 £ 0.33 4.88 £0.59 4.9 +0.38
RS 5.69+0.13 7.02 +0.60 8.18+0.13
SCB 7.22+0.79 7.23£0.72 6.34 £ 0.48

The data represent the averages of triplicate determinations + standard deviations. Corn cob

(CC), rice straw (RS) and sugarcane bagasse (SCB).
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5.4.5. Inhibitory effect of pre-treatment by-products on FAEs

Dilute acid and hydrothermal pre-treatments represent important methods that can significantly
improve the enzymatic digestibility of various pre-treated lignocellulose feedstocks. However,
these methods can potentially generate inhibitors which hamper enzymatic hydrolysis of
biomass. The concentrations of these inhibitors vary depending on the type and severity of the
pre-treatment (Michelin et al., 2016). These inhibitory compounds include multiple phenolics
produced by the degradation of lignin, furan derivative degradation products of pentoses and
hexoses (furfural and HMF) and weak organic acids (acetic, formic and levulinic acids) (Kim,
2018). The purpose of this section was to evaluate the inhibitory effect of various pre-treatment
by-products on FAES and FAEG6 activities. This was necessary because the FAEs used in this

study have never been applied to the bioconversion of lignocellulose biomass.

This study followed two different approaches: firstly, various compounds were selected and
the inhibitory effects of each individual model pre-treatment by-product on FAEs was
evaluated. The second approach involved generation of wash liquors from pre-treated
agricultural residues and evaluating their effects on enzyme activities. The pre-treatment by-
products selected for this study were evaluated in the range of expected concentrations resulting
from the aqueous pre-treatment of lignocellulosic biomass (Ximenes et al., 2011). The results
for inhibitory effects of lignin and its degradation products on the activities of FAEs are
presented in Figure 5.4. Lignin and vanillin (Figure 5.4A and B) exhibited a concentration
dependent inhibition for both FAES5 and FAEG6 - inhibition of activities of FAEs by lignin was
observed in the concentration range of 0.5 to 2 mg/mL. In the presence of lignin at a
concentration of 0.5 mg/mL, the level of residual activities of FAES and FAE6 were 75.2%
and 52.5%, respectively. At a higher concentration of lignin, FAES and FAE6 could retain
about 65.6% and 38.4% of their maximum activities, respectively. Vanillin resulted in a strong
inhibitory effect which was more profound at higher concentrations. Unlike lignin, the presence
of the lowest concentration of vanillin resulted in decrease in activity of about 33% for FAES
and 26% for FAE6. The level of inhibition elicited by the highest concentration of vanillin on
activities of FAES and FAE6 was 95% and 88.4%. There were no significant changes observed
in the pH of the reaction (no more than + 0.5 pH unit variation) - this is an indication that the
inhibition was due to the physical interaction between FAEs and the two compounds, rather
than due to differences in pH. On the other hand, high concentrations (0.5 to 2 mg/mL) of gallic
acid (Figure 5.4C) and vanillic acid (Figure 5.4D) resulted in substantial changes in the pH of

the reaction medium, and a complete loss of enzyme activity at concentrations of 1 and 2
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mg/mL for gallic acid and 2 mg/mL for vanillic acid, respectively. There is a lack of
information on the inhibitory mechanisms of FAEs by lignin degradation products. The non-
productive binding of enzymes on lignin is known as the main mechanism involved in lignin-
enzyme interactions (Kim et al., 2016; dos Santos et al., 2019). It is likely that this mechanism

is also the major route by which FAES and FAEG6 are inhibited.
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Figure 5.4: Inhibitory effects of lignin and its degradation products on FAES and FAE6
activity. (A) Lignin, (B) Vanillin, (C) Gallic acid and (D) Vanillic acid. The concentration of
inhibitors varied between 0 and 2 mg/mL. A reaction mixture without inhibitor was assigned
as 100% FAE activity. Data points represent the mean values of triplicates and error bars
indicate standard deviations. Statistical analysis was conducted using a t-test for inhibition of
enzyme activity by lignin degradation products compared to the activity in the absence of

degradation products, key: * (p value < 0.05).

Literature with respect to the inhibitory effects of lignin degradation products is mostly
available for cellulases and xylanases (Tian et al., 2013; de Souza Moreira et al., 2013;
Mhlongo et al., 2015). In terms of the inhibition mechanism, the structural composition of

lignin derivatives has been described as a major contributing factor in increasing the level of
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inhibition. For example, Boukari et al. (2011) demonstrated that the hydroxyl group was the
key structural feature causing inhibition of xylanase from Thermobacillus xylanilyticus by
phenolics. There was no clear correlation between the number of hydroxyl groups on a
compound and the level of enzyme inhibition. Structural insights could be constructive in
understanding the interaction between lignin derivatives and FAEs. Next, the inhibitory effect
of sugar degradation products on the activities of FAES and FAE6 was assessed (Figure 5.5).
These studies showed that FAEs were not significantly affected by the presence of furfural
(Figure 5.5A) and HMF (Figure 5.5B), even at the highest concentration tested (2 mg/mL).
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Figure 5.5: Inhibitory effects of sugar degradation products and acids on FAES and FAE6
activity. (A) Furfural, (B) HMF, (C) Levulinic acid and (D) p-coumaric acid. The
concentration of inhibitors ranged between 0 and 2 mg/mL. A reaction mixture without
inhibitor was assigned as 100% FAE activity. The results represent the mean value of triplicates
and error bars indicate standard deviations. Statistical analysis was conducted using a t-test for
the inhibition of enzyme activity by sugar degradation products or acids compared to the

activity without addition of degradation products or acids, key: * (p value < 0.05).
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The enzymes also tolerated the presence of levulinic acid in the concentration range of 0.1 to
0.5 mg/mL (Figure 5.5C). Higher concentrations of levulinic acid caused substantial changes
in the pH of the reaction medium. Therefore, it is possible that the observed reduction in activity
may not be due to compound and enzyme interactions, but rather due to a change in pH.
Overall, the results revealed that FAES and FAE6 may be susceptible to inhibition by lignin
and its degradation products. This inhibition seems to be largely concentration dependent. This
implies that pre-treatment methods should be conducted in such a manner that the accumulation
of lignin degradation products are limited. It has been reported that non-catalytic proteins, such
as bovine serum album (BSA), have the potential to minimise the non-specific adsorption of
enzymes on lignin (Florencio et al., 2016; Siqueira et al., 2017). The addition of lignin-blocking
agents may be a potential strategy to address the adsorption of enzymes onto lignin (Ying et
al., 2018). This would enable a more effective use of FAES and FAEG6 in the degradation of the

complex substrate.

5.4.6. Determination of inhibition patterns

Since lignin and vanillin inhibited FAES and FAE6 without causing changes in pH - at all
concentrations tested, further experiments were conducted to determine the type of inhibition
exhibited on FAEs in the presence of these two compounds. The data generated from activity
assays were used to prepare Lineweaver-Burk plots in order to determine the type of inhibition
exerted by lignin and vanillin; the kinetic parameters calculated from non-linear regression are
shown in Tables 5.3 and 5.4. Lignin and vanillin did not inhibit the FAEs competitively - this
was expected because of structural differences between these compounds and the substrates of
FAEs. Competitive inhibition occurs when the presence of an inhibitor increases the K, value
while the V.. remains relatively constant (Maulana Hidayatullah et al., 2020). The effect of
competitive inhibition can be completely overcome by increasing the substrate concentration,
while other forms of inhibition cannot be overcome in this way. The results presented in
Figures 5.6 and 5.7 show that the mode of inhibition displayed by lignin and vanillin is mixed
inhibition. This form of inhibition is characterised by a decreasing V. and a fluctuating Ky
value (Maulana Hidayatullah et al., 2020). The presence of lignin and vanillin decreased both
the Vi and Ky values of the FAEs (Tables 5.3 and 5.4). Mixed inhibitors are reported to bind
to both the free enzyme and the enzyme-substrate complex with different affinity. In the case
of lignin (Table 5.3), the K values of FAES and FAE6 appeared to be increasing with
concentration suggesting that the inhibitor may favour the free enzyme. For vanillin (Table

5.4), the Ky values of FAEs were also higher compared to the reaction without inhibitor,
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suggesting that lignin may also favour free enzyme. The presence of both inhibitors drastically
decreased the catalytic efficiencies (kca/Kum) of the FAEs (Tables 5.3 and 5.4). As mentioned
previously, studies on the inhibitory effects of lignin and its degradation products (in the
literature) are mostly available for cellulases and xylanases. The mechanisms of inhibition by
these compounds on FAEs are not fully elucidated. The data obtained from this study
demonstrated that lignin and vanillin both inhibited FAEs in a mixed competitive manner,
suggesting that these compounds were able to bind to both free enzyme and the enzyme-
substrate complex - but with higher affinity for the free enzyme. An understanding of the
enzyme kinetics involved will allow the development of improved strategies to reduce the

impact of these inhibitors.
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Figure 5.6: Lineweaver-Burk plot of the inhibition of (A) FAES and (B) FAEG6 activity by

lignin. Averages and standard deviations from triplicate experiments are presented.
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Table 5.3: Kinetic parameters for FAES and FAEG6 in the absence/presence of lignin

Inhibitor Vmax Km (mM) Keat (s1)  Keat/Kwm
(mg/mL) (umol/min) (mM/s)
FAES5 No inhibitor 0.0603 0.131 241 18.41
Lignin (0.5) 0.0817 1.59 3.27 2.06
Lignin (2) 0.0565 1.32 2.26 1,71
FAE6 No inhibitor 0.0634 0.205 5.07 24.74
Lignin (0.5) 0.0616 1.03 493 4.78
Lignin (2) 0.0269 0.496 2.15 4.34
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Figure 5.7: Lineweaver-Burk plot of the inhibition of (A) FAES and (B) FAE6 activity by

vanillin. Averages and standard deviations from triplicate experiments are presented.
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Table 5.4: Kinetic parameters for FAES and FAEG6 in the absence/presence of vanillin

Inhibitor Vmax Km (mM) Keat (51)  Keat/Km (mMY/s)
(mg/mL) (numol/min)
FAES No inhibitor 0.0604 0.131 2.42 18.44
Vanillin (0.1) 0.0559 1.29 2.27 1.73
Vanillin (1) 0.0431 2.34 1.72 0.74
FAE6 No inhibitor 0.0653 0.205 5.22 25.48
Vanillin (0.1) 0.0591 0.790 4.73 5.98
Vanillin (1) 0.0367 1.29 2.94 2.27

5.4.7. Evaluation of the inhibitory effect of wash liquors from pre-treated substrates on
enzyme activities

The results from the pre-treatment by-product inhibition studies demonstrated that lignin and
its degradation products have the potential to inhibit the activities of FAES and FAEG6. This
part of the study evaluated the effect of potential pre-treatment by-products (which may have
been formed and remained in the solid fraction during pre-treatment step of CC, RS and SCB
in section 5.3.2). Wash liquors were generated from substrates that were pre-treated using
dilute sulphuric acid and hydrothermal pre-treatment methods (section 5.3.6.3). Wash liquors
were used as the buffering medium in the reaction and enzyme activities were compared to
when pure phosphate buffer was used. The results are presented in Figures 5.8 and 5.9 for FAEs
and xylanases, respectively. The activities of FAES (Figure 5.8A) and FAE6 (Figure 5.8B)
were not affected by liquors from all pre-treated agricultural residues. On the other hand, a
slight increase in the activity was observed for Xynl1 (Figure 5.9A) and XT6 (Figure 5.9B).
This trend was more pronounced for XT6 when liquors from CC were used. It is more likely
that this is the reflection of long chain XOS (from the pre-treated substrate) hydrolysis rather
than an increase in the activities of Xynll and XT6 because activity was determined by
measuring reducing sugars. In summary, the obtained data indicated that liquors from all pre-

treated agricultural residues did not inhibit the activities of the enzymes selected for this study.
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These findings suggest that there were no inhibitory pre-treatment by-products generated. It
has been reported that the concentrations of inhibitors produced are dependent on the type and
severity of pre-treatment (Michelin et al., 2016). An extremely low pre-treatment severity was
applied for all substrates in this study; the formation of inhibitory compounds was therefore
unlikely. Furthermore, it is well established that some of the inhibitory pre-treatment by-
products are water soluble (Kim et al., 2011). Washing the pre-treated solids with water is a
well-known strategy that minimises inhibition of enzymes. In this study, all the pre-treated
solids were repeatedly washed with water, this may have removed the water-soluble inhibitors
if they had been formed. These findings suggest that all the tested enzymes can be applied in

the enzymatic hydrolysis of pre-treated agricultural residues selected for this study.
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Figure 5.8: Determination of the inhibitory effects of soluble pre-treatment by-products
in washes of pre-treated agricultural residues. Enzyme activity assays were conducted for
(A) FAES and (B) FAE6. Averages and standard deviations from triplicate experiments are
presented. Statistical analysis was conducted using a t-test for the inhibition of FAEs in a
buffer system of pre-treated substrate wash compared to activity in phosphate buffer, key: * (p

value < 0.05).
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Figure 5.9: Determination of the inhibitory effects of soluble pre-treatment by-products
in washes of pre-treated agricultural residues. Enzyme activity assays were conducted for
(A) Xynll and (B) XT6. Averages and standard deviations from triplicate experiments are
presented. Statistical analysis was conducted using a t-test for the inhibition of xylanases in a

buffer system of pre-treated substrate wash compared to the activity in phosphate buffer, key:

* (p value < 0.05).
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5.5. Conclusion

This section of the study focused on the pre-treatment of agricultural residues using dilute
sulphuric acid and hydrothermal pre-treatment methods. The inhibitory effect of various pre-
treatment by-products on enzyme activities was also explored. In terms of pre-treatment, an
extremely low severity method was used to preserve the hemicellulose in the solid fraction,
while increasing the accessible area for enzymes. A number of analyses were conducted to
investigate the effects of the pre-treatment on the substrates. The results obtained for
composition analysis indicated that there was no change in recoverable sugars and that the
hydroxycinnamic acid content was maintained in all pre-treated samples. In addition, FTIR
data indicated that the presence of bands which are mainly attributed to the hemicellulose
component and the intensity of the bands was relatively similar between untreated and pre-
treated samples. The morphology of the untreated and pre-treated samples was also
investigated. SEM analysis revealed that pre-treated samples had a more disorganised
morphology characterised by surface erosion and deconstruction. This impact is directly
correlated to the increased surface area and can potentially lead to enhanced enzymatic
hydrolysis of the pre-treated substrates. Furthermore, the inhibitory effects of individual pre-
treatment by-products on FAEs were investigated. The results indicated that only lignin and its
degradation products had a significant impact on FAEs. However, wash liquors generated from
the pre-treated samples did not show any inhibitory effect on all the enzymes selected for this
study, suggesting that no inhibitory compounds were generated during pre-treatment step.
Overall, the findings from this section demonstrated that the selected pre-treatment methods
were highly effective, and that the enzymes were suitable for use in the hydrolysis of the pre-

treated substrates.
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Chapter 6: Evaluation of synergism between feruloyl esterases and
xylanases on model substrates and agricultural residues

6.1. Introduction

Lignocellulosic biomass is known to be a significant source of components that can be
converted into industrially relevant bio-products. Agricultural residues such as corn cob, wheat
bran, rice straw, wheat straw and sugarcane bagasse, are considered cheaper raw materials
which can be used to produce VAPs. These high VAPs include hydroxycinnamic acids (p-CA
and FA) which are generally present in the primary cell walls of commelinid monocots in high
concentrations (> 3.5 mg/g biomass) (Oliveira et al., 2019). FA, the most abundant
hydroxycinnamic acid, is usually esterified at the C-5 hydroxy group of the arabinofuranosyl
units of arabinoxylan. FA and p-CA have several commercial applications in the food and
pharmaceutical industries. For instance, FA can be used in the food industry as a precursor for
vanillin (flavouring agent), p-hydroxybenzoic acid and 4-vinylphenol production, and as a food
preservative because of its antimicrobial properties (Furuya et al., 2017; Shirai et al., 2017).
FA and p-CA can be used as therapeutic agents because of their anti-inflammatory,
antibacterial, antidiabetic and antioxidant properties (Kumar and Pruthi, 2014; Pei et al., 2016).
Agricultural residues have another valuable fraction, namely xylan, which can be transformed
through partial degradation to xylooligosaccharides (XOS). Studies have shown that XOS
generated from agricultural residues have prebiotic potential and antioxidant activity, making
them suitable for applications in the food, feed and pharmaceutical industries (Aachary and

Prapulla, 2010; Samanta et al., 2015).

Traditional methods for obtaining these biomass constituents often require a chemical process
where an acidic or basic catalyst is used. For example, hydroxycinnamic acid extraction can be
facilitated by alkaline hydrolysis, but this treatment may also release other phenolics, proteins
and sugars which necessitate further purification steps (Liu, L. Y. et al., 2016). It has been
reported that use of harsh conditions for the chemical preparation of XOS can lead to increased
depolymerisation of XOS to xylose (Samanta et al., 2015). This is a major disadvantage of
chemical treatment because, for prebiotic function, XOS with 2-4 xylose units are preferred. In
general, enzymatic conversion is considered more environmentally friendly than chemical
methods and is also more specific, as it releases only certain compounds without affecting other

valuable chemicals. An integrated process where a mild pre-treatment method is combined
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with enzymatic hydrolysis is also an attractive strategy for XOS production, and much progress

has been made in this regard using agricultural residues (Poletto et al., 2020).

The major obstacle to the efficient enzymatic release of hydroxycinnamic acids and XOS from
agricultural residues is the complex structure of hemicellulose. Studies have shown that the
efficient release of these valuable biomass constituents requires enzymatic cocktails composed
of several enzymes that synergistically deconstruct the complex biomass (Van Dyk and
Pletschke, 2012). Xylanases and FAEs are key enzymes for the degradation of xylan, the most
abundant hemicellulose. Xylanases facilitate the endo-catalytic hydrolysis of B-1,4 glycosidic
bonds from the xylan backbone chain, releasing XOS of varying DP (Paés et al., 2012). FAEs
catalyse the cleavage of ester-linkages between the polysaccharides and hydroxycinnamic

acids (Faulds, 2010).

The majority of studies have demonstrated strong synergistic interactions between xylanases
and FAEs, which result in the efficient co-production of hydroxycinnamic acids and XOS
(Malgas et al., 2019). It is suggested that xylanases cleave the xylan main-chain and generate
short feruloylated XOS which are the preferred substrates of FAEs for the release of FA or p-
CA. On the other hand, the action of FAEs makes short XOS to be more accessible for further
hydrolysis by xylanases through the removal of sterically hindering side-chains (Oliveira et al.,
2019). Several studies have investigated the cooperation of FAEs and xylanases for the
production of FA and XOS from a variety of agricultural residues, such as wheat bran, corn
stalks, corn cobs and sugarcane bagasse (Wu et al., 2017; Long et al., 2018; Zhang et al., 2015;
Oliveira et al., 2016). However, some of the studies have reported limited hydrolysis efficiency
due to low enzymatic activities. Therefore, identifying and characterising novel FAEs with
appealing biotechnological characteristics and using them for the formulation of efficient

enzymatic cocktails remains an attractive field of research.

In this study, synergistic interactions between two novel termite metagenome-derived FAEs
(FAE5 and FAE6) and commercially available xylanases (Xynll and XT6) for the co-
production of hydroxycinnamic acids and XOS was investigated. These enzyme cocktails were
optimised on insoluble wheat arabinoxylan (a model substrate) and then applied to untreated

and pre-treated corn cobs, rice straw and sugarcane bagasse (complex substrates).
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6.2. Aims and objectives

6.2.1. Aims
To investigate the synergistic associations between the recombinant FAEs and commercial
xylanases during their action on model substrates, untreated and pre-treated agricultural

residues for the optimal production of XOS and hydroxycinnamic acids.

6.2.2. Objectives

To achieve this aim, the following objectives were set:

» To evaluate the synergistic interactions between xylanases and FAEs during their
activity on model substrates in order to establish an optimal xylanase to FAE protein
loading ratio for efficient XOS and hydroxycinnamic acid release;

» To evaluate the performance of the optimised xylanase-FAE cocktails on untreated and
pre-treated agricultural residues;

» To determine the mode of interaction between xylanases and FAEs through mapping

of the hydrolysis product patterns on substrates.

6.3. Materials and methods

6.3.1 Materials
Xylobiose, xylotriose, xylotetraose, xylopentaose and xylohexaose were all purchased from

Megazyme™ (Bray, Ireland).

6.3.2. Synergy studies on model substrates

To evaluate synergism between FAEs and xylanases, enzyme combinations were tested on
0.5% (w/v) oat-spelt xylan (OSX) and insoluble wheat arabinoxylan (WAX) for their ability to
release FA and reducing sugars. Enzymes were first used in different combinations to
determine the optimal xylanase to FAE protein loading ratio. This was carried out using two
strategies. In the first strategy, FAE supplementation, varying amounts of FAE (0 to 0.0125
mg) were supplemented to a fixed amount of xylanase (0.0125 mg). In the second strategy,
xylanase supplementation, varying amounts of xylanase (0 to 0.0125 mg) were supplemented
to a fixed amount of FAE (0.0125 mg). Finally, the ratios that resulted in the highest product
release were used to formulate a fixed total protein loading. Once the optimal enzyme
combination was established, the total protein loading was adjusted to 4 mg per g of substrate.

The optimum xylanase to FAE protein loading ratio was then used for all subsequent synergy
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studies. All hydrolysis experiments were carried out in triplicate in 50 mM sodium phosphate
buffer (pH 7.4) in a 400 uL total volume at 40°C, agitating at 25 rpm for 24 hours. Substrate
and enzyme controls were run at the same time by incubating the substrates without enzymes
and by incubating the enzymes without substrates (replacing the removed enzyme/substrate
with buffer). The amount of FA released was determined using the HPLC method described in
section 4.3.2.1 and the amount of reducing sugars released was determined as described in

section 4.3.3.

6.3.3. Synergy studies on untreated and pre-treated agricultural residues

The protein loadings for all single enzymes and combinations were kept at a total protein
loading of 8 mg per g of substrate. For combination experiments, an enzyme mixture consisting
of xylanase and FAE at 66:33% protein ratio was used. The enzymatic hydrolysis was
performed at 1% (w/v) substrate loading in 50 mM phosphate buffer (pH 7.4) in a 400 uL total
volume. The reaction buffer contained 1 mg/mL of BSA to prevent non-specific adsorption of
enzymes to lignin. The reaction mixture was incubated at 40°C with agitation at 25 rpm for 24
hours and the reaction was terminated by boiling at 100°C for 5 minutes. Hydrolysis controls
included reactions without the addition of either enzyme or substrate (replacing the removed
component with an equal amount of buffer). All the experiments were performed in triplicate.
The amount of FA and p-CA released was determined using the HPLC method described in
section 4.3.2.1 and the HPLC-MS/MS method described in section 6.3.4, reducing sugars were
measured using a DNS method (section 4.3.3) and XOS were quantified using the HPLC-RID

method described in section 6.3.6.

6.3.4. Detection of hydroxycinnamic acids by HPLC-MS/MS

For the detection of hydroxycinnamic acids, analysis was carried out using a HPLC-MS/MS
system with a Dionex UHPLC (Thermo Fisher Scientific, Sunnyvale, USA). Chromatographic
separation was performed on a Kinetex polar C-18 column (3.0 x 100 mm, 2.6 um;
Phenomenex, Torrance, USA). The flow rate was 0.3 mL/min, and the following gradient
composed of (A) water with 0.1% formic acid and (B) acetonitrile with 0.1% formic acid was
used: 0-12 minutes 80% of A and 20% B; 12-18 minutes 60% of A and 40% of B. The injection
volume was 5 pL. The MS/MS analysis was conducted on a Bruker Compact QToF mass
spectrometer using an electrospray ionization probe (Bruker, Bremen, Germany). Negative
mode MS was used, and precursor ions were selected for the acquisition of ms? spectra at

collision energies of 20 eV in data-dependent acquisition mode. The data files were converted
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to mzXML format using Bruker Compass software (Bruker, Bremen, Germany). Further data

analysis was carried out in MZmine 2 (ver. 2.34).

6.3.5. Determination of xylo-oligosaccharides pattern profiles

The hydrolysis product profiles from synergy studies were determined by analysing XOS on
thin-layer chromatography (TLC). A volume of 5 puL of hydrolysate sample and a mixture of
XOS standards were applied onto a silica gel plate (MERCK, Darmstadt, Germany). The
migration was repeated twice using a mobile phase consisting of 1-butanol, acetic acid and
water in a 2:1:1 ratio. The plate was then submerged in Molisch’s Reagent (0.3% (w/v) a-
naphthol dissolved in methanol and sulphuric acid in a 95:5 ratio (v/v) respectively). The spots
corresponding to the different XOS were visualized by heating the plate in an oven at 110°C

for 10 minutes.

6.3.6. Quantification of xylo-oligosaccharides

Quantification of XOS was performed on a Shimadzu HPLC system (Shimadzu Corp, Kyoto,
Japan) equipped with a refractive index detector (RID) using a CarboSep CHO 411 column
(Concise Separations, San Jose, USA) with water as the mobile phase in isocratic mode. The
column oven was set at 80°C and separation was performed within 35 minutes at a flow rate of
0.3 mL per minute. An injection volume of 20 pL was used for all samples and XOS standards
(xylohexaose, xylopentaose, xylotetraose, xylotriose and xylobiose) (see Appendix Figure

C.L1).

6.3.7. Statistical analysis
All comparisons on product release due to single enzyme versus enzyme combination were
performed on GraphPad Prism 6.0 software using the t test. A p value less than 0.05 was

considered to illustrate statistical significance between compared data sets.

6.4. Results and discussion

6.4.1. Evaluation of synergism between FAEs and xylanases on model substrates

Effective enzymatic hydrolysis of the hemicellulose fraction of lignocellulosic biomass into
VAPs has been shown to require a combination of various enzymes, including glycoside
hydrolases and auxiliary activity enzymes such as FAEs (Andlar et al., 2018). These enzymes
usually act synergistically during the degradation of their substrates and their combined action

is believed to be greater than the sum of the actions of the individual enzymes (Visser et al.,
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2013). Furthermore, the synergistic enzyme interactions lead to relatively low enzyme loadings
which make the enzymatic hydrolysis process more cost effective. Several studies have
reported that xylanases exhibit strong synergistic relationship with FAEs for the degradation
of various agricultural residues. This cooperation is demonstrated by improved yields in the
production of value-added chemicals such as XOS and hydroxycinnamic acids (Malgas et al.,
2019). The present study was designed to evaluate the synergism between novel metagenome-
derived FAEs and commercially available xylanases during the degradation of untreated and

pre-treated agricultural residues.

In order to evaluate the synergism between FAEs and xylanases on agricultural (complex
substrates), the enzymes were tested on WAX and OSX (model substrates) for their ability to
release FA and XOS. Firstly, the total amount of FA in the model substrates was determined
by alkaline extraction. This is a well-known method used to recover hydroxycinnamic acids
from lignocellulosic biomass. The FA content of the liquor from WAX alkaline hydrolysis was
found to be 81.16 + 3.22 pg/mL. On the other hand, the presence of FA was not detected in the
liquor of OSX. It is likely that these differences in FA content are due to the methods utilised
to extract and purify WAX and OSX. WAX is usually extracted in such a way that the FA
cross-links in native arabinoxylan are maintained. The alkaline hydrolysis results suggest that
WAX is a better substrate than OSX for FA release. The subsequent optimisation study was

therefore carried out using only WAX.

The first batch of assays were performed in order to identify potential synergistic interactions
between the purified recombinant FAEs and commercial xylanases. The initial approach was
to determine if the individual enzymes were capable of releasing FA on their own. It was
observed that FAEs or xylanases alone could not release FA from WAX. The data indicated
that both FAEs could release FA only in the presence of xylanases. This was the first hint of a
significant synergistic effect occurring between recombinant FAEs and xylanases in generating
FA from WAX. The optimal xylanase to FAE protein loading ratio was then determined and
this was performed by using FAE6 and Xynl11. The data presented in Figure 6.1 demonstrates
the maximal amount of FA was released from 0.5 % (w/v) WAX with increasing dosage of
Xynl1 or FAEG6. It appeared as if, when the amount of Xynl1 was fixed at 0.0125 mg, the
amount of FAE6 required to achieve 100% FA release was 0.00625 mg, and a further increase
in FAEG6 loading beyond this point did not result in a significant improvement in product
release. This observation was an indication of strong synergistic interactions occurring between

FAEG6 and Xynl 1, rather than an additive effect. When the FAE6 loading was fixed at 0.0125
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mg, the amount of FA released increased with increasing Xyn11 loading and reached a plateau
at a protein loading of 0.0125 mg. This was expected as FAEs were shown to release FA from
WAX only in the presence of xylanases. It appears as if xylanases may generate feruloylated
short chained XOS but not free FA. FAEs appeared to act on these feruloylated short chain
XOS leading to the generation of FA. Overall, the maximum amount of FA was released with
an enzyme combination consisting of Xynl1 and FAEG6 in a 66:33% protein mass ratio. This

optimised protein loading ratio was then used in all subsequent synergy studies.

~- FAE®
----- —a -B- Xyn11

Ferulic acid released (%)

0.000 0.005 0.010 0.015

Enzyme dosage (mg)

Figure 6.1: Release of ferulic acid from 0.5% (w/v) WAX at increasing enzyme doses of
FAEG6 or Xynl1. The amount of ferulic acid released was expressed as a percentage of the
highest amount released. Solid line: release of ferulic acid at increasing FAE6 doses with a
fixed amount Xynl11 (0.0125 mg); dashed line: increasing Xynl1 doses with a fixed amount
FAEG6 (0.0125 mg). Each data point represents the average + standard deviation of triplicate

assays.

It has been reported that the synergistic effect of xylanases is influenced by a number of factors
such as the type and degree of branching of the xylan backbone, physical properties of the
substrate (solubility, particle size) and the enzymes’ ability to withstand the heterogeneous
nature of xylan (Wong et al., 2013). It has also been established that the two major families of
xylanases, namely GH10 and GH11, show considerable differences in their mechanism of

action in heteroxylan degradation. To better understand the synergistic effect of xylanases for

86



the release of FA, XT6 (GH10) and Xynl1 (GHI11) were used to formulate xylanase-FAE
enzyme cocktails. The optimised protein loading ratio of 66% xylanase to 33% FAE was used
for all enzyme combination studies. Figure 6.2 shows the release of FA after enzymatic
hydrolysis of 0.5% (w/v) WAX by single enzyme or a combination of the enzymes. It can be
seen that there was no substantial release of FA by any single enzyme in any of the experiments.
This was expected for xylanases, because previous substrate specificity (specific activity) data
indicated that they could not act on the FAE substrate, EFA. When Xynl1 was added with
FAES or FAEG, the enzymatic release of FA was substantially increased (Figure 6.2A). The
amount of product released by the combination of Xynl1 and FAES or FAE6 was found to be
1.92 pg/mL and 2.68 pg/mL, respectively. On the other hand, a significant change in the release
of FA was observed when XT6 was combined with FAES or FAE6 (Figure 6.2B). It was found
that co-incubation of XT6 with FAES5 or FAEG resulted in the release of 16.96 pg/mL and 5.05
pg/mL of FA, respectively. It was apparent that the amounts of FA released by the synergistic
action of XT6 with the FAEs were much higher compared to that when Xynl1 was used in the
enzyme combinations. Similar observations have been reported where the synergistic action of
a GH10 xylanase with FAE showed a much greater benefit in the release of FA, compared to
when a GH11 xylanase was used (Wong et al., 2013).
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Figure 6.2: Release of ferulic acid during the degradation of 0.5% (w/v) WAX by
individual enzymes or a combination of 66% xylanase: 33% FAES or FAEG6. (A) Synergy
studies for Xynll and FAEs. (B) Synergy studies for XT6 and FAEs. “Sub” represents
substrate control. Each data point represents the average of triplicates + standard deviation.
Statistical analysis was conducted using a t-test for improvement of ferulic acid release by the

enzyme combinations compared to single enzyme (FAE5/6), key: * (p value < 0.05).
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One possible explanation for the observed wide variation in FA release could be the differences
in structural arrangement of the feruloylated XOS produced by these two different families of
xylanases. The varying structural arrangement of the feruloylated XOS might affect the ability
of FAES and FAE®G to cleave the ester-linkages between XOS and FA. It has been reported that
for GH11 xylanases to attack the xylan main chain, three consecutive unsubstituted xylose
monomers are required (Mathew et al.,, 2018; Linares-Pasten et al., 2018). Side-chain
decorations on the xylan backbone are generally less well tolerated by GH11 xylanases.
Therefore, it is likely that the enzymatic hydrolysis of WAX by Xyn11 resulted in a lower yield
of feruloylated XOS, because of the inability of the GH11 xylanases to tolerate a substituted
xylan backbone, resulting in the production of mostly unsubstituted XOS. Consequently, FAES
and FAE6 would have a limited number of substrate molecules for the cleavage of ester-
linkages, limiting the amount of FA released from WAX. In contrast, two consecutive
unsubstituted xylose monomers are required for the GH10 xylanases to attack the xylan main
chain (Mathew et al., 2018). Side-chain decorations of the xylan backbone are not a major
hindrance for GH10 xylanases. It is possible that XT6 generated a high amount of feruloylated
XOS because of the ability of GH10 xylanases to accommodate binding of xylan with side-
chain decorations. Therefore, FAES and FAE6 would have a higher number of substrate
molecules available for the potential cleavage of ester-linkages, resulting in a higher yield of

released FA.

Significant differences were also observed in the amount of FA released by a combination of
XT6-FAES and XT6-FAE6. The enzyme combination of XT6-FAES displayed a synergistic
effect which was significantly greater than that of XT6-FAE6 (3.36-fold). This was not
expected, as these two enzymes displayed relatively similar specific activities on the synthetic
FAE substrate (shown in Chapter 4). There are several possible explanations for the differences
observed in the synergistic effect of FAES and FAE6 with XT6. As mentioned earlier, GH10
xylanases are capable of accommodating binding of xylan with side-chain decorations, and
they generally produce shorter XOS than GH11 xylanases. Therefore, it is likely that FAES is
more efficient in cleaving ester-linkages from shorter feruloylated XOS compared to FAE6.
Another factor which could have influenced the interaction of FAES and FAE6 with the
feruloylated XOS might be the differences in molecular masses of these enzymes. Although
the exact mechanisms behind this observation have yet to be resolved, it is likely that FAES
and FAE6 might display varying preferences for feruloylated XOS. Further investigations will
be required to understand precisely why FAES and FAE6 respond differently towards
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feruloylated XOS generated from WAX. Overall, the data obtained demonstrated that purified
recombinant FAES and FAE6 could release substantial amounts of FA from WAX only in the
presence of Xynll or XT6. Furthermore, the GH10 xylanase (XT6) displayed a strong
synergistic effect with FAEs compared to GH11 xylanase (Xyn11).

6.4.2. HPLC-MS/MS confirmation of FA released from WAX

The enzymatic release of FA from 0.5% (w/v) WAX - previously detected by the HPLC method
- was confirmed by HPLC-MS/MS. The results obtained exhibited similar trends for all enzyme
combinations. The extracted-ion chromatogram (XIC) and mass spectrum of FA released from
WAX are shown in Figure 6.3 below. The HPLC-MS/MS data shows the enzymatic release of
FA when the 66% Xynl1 and 33% FAE6 enzyme combination was used. The analysis was
carried out with negative ionisation because FA can lose a proton to yield negative ions [M-
H]". The XIC and mass spectra obtained from the enzymatic hydrolysis samples were compared
with the FA standard. The XIC displayed a peak with a retention time of 5.01 minutes (Figure
6.3A) and this corresponded to the retention time of the FA standard. The peak observed in the
XIC had a specific ion m/z corresponding to that of the deprotonated FA ion (m/z = 193.06).
From this ion, the fragmentation pattern was suggested considering the data obtained from
MS/MS Ffigure 6.3B). The MS/MS of the FA standard exhibited three major ions with m/z:
178.03, 149.06 and 134.06. It has been reported that in FA fragmentation, the first cleavage
occurs by elimination of CH3 to form m/z = 178, followed by the loss of CO> to form m/z =134
ion, with the initial loss of CO2 to form m/z =149 ion shown to be thermodynamically
unfavourable (Sinosaki et al., 2020). The fragmentation pattern of FA released from WAX in
Figure 6.3B resulted in the formation of a fragment m/z = 134.06 which was consisted with
data obtained for the standards. The fragmentation profile reported in this work confirmed that

the compound released during the synergistic enzymatic hydrolysis of WAX was indeed FA.
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Figure 6.3: HPLC-MS/MS analysis of ferulic acid released during hydrolysis of 0.5%
(w/v) WAX by a combination of 66% Xyn11: 33% FAES®. (A) Extracted-ion chromatogram
(XIC) for released ferulic acid. (B) Mass spectrum of ferulic acid corresponding to the peak

observed on XIC.
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6.4.3. Release of XOS from model substrates by enzymatic hydrolysis

In order to gain a deeper understanding of the synergistic interactions between xylanases and
FAEs observed above, the production of XOS from model substrates was also studied. Based
on their ability to release FA from feruloylated XOS, it was predicted that FAES and FAE6
would have a boosting effect on xylanase activity. To test this prediction, single enzymes and
enzyme combinations were tested for their ability to generate XOS from oats spelt xylan (OSX)
(Figure 6.4) and WAX (Figure 6.5). The XOS released from selected substrates were measured
using the reducing sugar assay. The action of FAES and FAEG6 on these substrates was assayed
(without the addition of xylanases) and could not generate XOS — this was expected. The
synergistic effects of FAES and FAEG6 on the activities of Xynl1 and XT6 were investigated
using the optimised protein loading ratio of 66% xylanase: 33% FAE. When using OSX as a
substrate, the enzyme combinations did not increase the total amount of reducing sugars
released compared to the reaction mixture containing only the single enzymes Xynl11 or XT6
(Figure 6.4). This was expected, because analysis of the liquor from alkaline hydrolysis
indicated that OXS did not contain any feruloyl decorations. When enzymes were tested on
WAX, both FAEs displayed synergism with Xynl1 by improving the release of reducing
sugars (Figure 6.5A).
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Figure 6.4: Release of reducing sugars during hydrolysis of 0.5% (w/v) oat-spelt xylan
(OSX) by individual enzymes or a combination of 66% xylanase: 33% FAES or FAEG6.
(A) Synergy studies for Xynl1 and FAEs. (B) Synergy studies for XT6 and FAEs. “Sub”
represents substrate control. Each data point represents the average of triplicates + standard
deviation. Statistical analysis was conducted using a t-test for improvement of hydrolysis with

respect to reducing sugar by the enzyme combinations compared to single enzyme (xylanase),
key: * (p value <0.05).
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Figure 6.5: Release of reducing sugars during hydrolysis of 0.5% (w/v) wheat
arabinoxylan (WAX) by individual enzymes or a combination of 66% xylanase: 33%
FAES or FAE6. (A) Synergy studies for Xynl1 and FAEs. (B) Synergy studies for XT6 and
FAEs. “Sub” represents substrate control. Each data point represents the average of triplicates
+ standard deviation. Statistical analysis was conducted using a t-test for improvement of
hydrolysis with respect to reducing sugar by the enzyme combinations compared to single

enzyme (xylanase), key: * (p value < 0.05).
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The reaction mixture with Xynl1 alone resulted in 0.89 mg/mL of reducing sugars, while co-
incubation with FAES or FAE6 led to 1.18 mg/mL (25.61% increase) and 1.22 mg/mL reducing
sugars (a 28.06% increase), respectively. On the other hand, co-incubation of XT6 with FAES
or FAEG6 did not result in an increased amount of reducing sugars compared to the reaction
mixture containing only XT6 (Figure 6.5B), indicating that there was no synergy in the
production of reducing sugars. This is in contrast with the pattern observed for Xynl1 (Figure
6.5A), where a significant synergistic effect of FAES and FAE6 with Xynl1 was observed. A
possible explanation for this could lie in differences in the manner in which Xyn11 and XT6
bind to the substrate. As mentioned earlier, GH11 xylanases are known to be hampered by the
presence of side chain decorations along the xylan backbone. In contrast, xylanases from
family GH10 are able to tolerate binding of xylan backbone substituted with various side
chains. As a result, GH10 xylanases generally produce shorter XOS than do members of the
GH11 family (Falck et al., 2014; Gong et al., 2016). This would suggest that the presence of
FAES or FAE6 would not improve the activity of XT6 in the release of XOS from WAX
because it is unlikely that the action of the enzyme is influenced by the presence of FA. On
the other hand, the presence of FA is more likely to impede the binding of Xynl1 to the
substrate, resulting in generation of longer feruloylated XOS. Therefore, the addition of FAES
or FAE6 would lead to cleavage of ester-linkages and removal of FA. This in turn would
provide more binding sites for Xyn11 on these de-branched long chain XOS, thus producing a
higher relative yield of short XOS compared to the reaction mixture with only Xynl1. Recent
studies have reported the above-mentioned mechanism as a mode of synergistic interactions
between xylanase and FAEs (Oliveira et al., 2019; Wang et al., 2020). Overall, the purified
recombinant FAES and FAE6 enzymes exhibit strong synergistic interactions with Xynl1 and
XT6 in the co-production of FA and XOS from WAX. The comparative study of the enzymes
showed that XT6 acted synergistically with FAES and FAE6 only for the release of high
amounts of FA, whereas co-incubation with Xyn11 resulted in low yield of FA but increased

amount of XOS.

6.4.4. Determination of hydrolysate product profiles

Further analysis of the reaction products was carried out in an attempt to evaluate the types of
XOS generated by single enzymes and their combinations. The initial analysis of reaction
products from synergy assays was performed using a TLC method. The nature and relative
abundance of XOS generated from WAX by Xynl1 and XT6 are shown in Figures 6.6A and
6.6B, respectively.
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Figure 6.6: Thin-layer chromatography analysis of hydrolysis of 0.5% (w/v) WAX by (2)
xylanase alone, (3) a combination of 66% xylanase: 33% FAES, and (4) a combination of
66% xylanase: 33% FAE6. Substrate without enzyme was used as a control (1). (A) Synergy
studies for Xynl1 and FAEs. (B) Synergy studies for XT6 and FAEs. A mixture of XOS (X1-

X6) was used as a standard. Arrows indicate observed bands, albeit feint in some instances.

The hydrolytic product profiles demonstrated that Xyn11 and XT6 yielded XOS with a degree
of polymerisation of 2 and higher, indicating that these enzymes are true xylanases with no
xylosidase side activity. It is important to note that the dark-yellow coloured spots on the plates
represent glycerol which was used as a stabiliser during the storage of the purified FAES and
FAEG6. As shown in Figure 6.6A, the hydrolytic products produced by Xynl1 were primarily
xylobiose, xylotetraose, xylopentaose and xylohexaose. There were no clear differences in
migration of XOS between the single enzyme (lane 3) and the enzyme combinations (lane 3
and 4). There were also no clear differences in the relative abundance of XOS produced by
Xynl1 alone and the enzyme combinations. On the other hand, the major hydrolytic products
generated by XT6 were xylobiose, xylotriose and xylotetraose. Among these XOS, xylobiose
appeared to the dominant product, indicating that the hydrolytic products produced by XT6
had a lower degree of polymerisation than those obtained using Xynl1. These findings are

consistent with those of previous reports in which the hydrolytic products released by GH10
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xylanases were shorter than those produced by GH11 xylanases (Biely et al., 2016; Linares-
Pasten et al., 2018). These results indicate that the differences in synergistic action of Xyn11
and XT6 with FAEs are primarily associated with (and due to) the different hydrolysate product
profiles that they generate.

In a further approach, the XOS generated by synergistic enzymatic hydrolysis were quantified
using HPLC-RID. This was performed in order to further detect differences between the
hydrolytic products of Xynl1 and XT6 (See Figure 6.7). The quantities of hydrolysis products
formed by the action of Xyn11 alone - and in combination with FAES or FAEG6 - are shown in
Figure 6.7A. It was clear that Xyn11 and its enzyme combinations generated high quantities of
xylopentaose. The combined action of Xynl1 and FAES or FAE6 showed an improvement in
xylobiose production compared to the single enzyme reaction mixture. A similar pattern was
also observed for generation of xylotetraose. These results are in agreement with those reported
in the reducing sugar assay (Figure 6.5) where enzyme combinations enhanced the amount of
reducing sugars released. On the other hand, the results presented in Figure 6.7B showed that
there was no improvement in the release of XOS when XT6 was added alone compared to co-
incubation with FAES or FAE6. This is consistent with the results obtained using the reducing
sugar assay. Furthermore, it was clear that xylobiose and xylotriose were the dominant end
products (more pronounced in the reaction mixture with XT6 alone), confirming the
observations made in the TLC analysis. Based on all of the above results, it can be concluded
that FAES and FAEG6 exhibited strong synergistic relationships with Xynl1 and XT6 during
hydrolysis of WAX. It was shown that FAEs work better with XT6 (GH10 xylanase) for the
release of FA, while synergism with Xynll (GHI1 xylanase) appeared to enhance the
production of XOS. The nature of synergistic interactions between these enzymes was found

to be dependent on the mode of hydrolysis (action) of the xylanases.
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Figure 6.7: Xylo-oligosaccharide content measured from the hydrolysis of 0.5% (w/v)
WAX after incubation with Xyn11 alone or a combination of 66% Xyn11: 33% FAES or
FAEG. (A) Synergy studies for Xyn11 and FAEs. (B) Synergy studies for XT6 and FAEs. Each
data point represents the average of triplicates + standard deviation. Statistical analysis was
conducted using a t-test for improvement of hydrolysis with respect to xylo-oligosaccharides

(XOS) by the enzyme combinations compared to single enzyme (xylanase), key: * (p value <
0.05).
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6.4.5 Evaluation of synergism between FAEs and xylanases during the hydrolysis of
agricultural residues

To determine if the xylanase-FAE synergism observed during the hydrolysis of WAX (a model
substrate) could also be observed on complex substrates, different agricultural residues were
hydrolysed using the same combinations of xylanases and FAEs as were performed with WAX.
There are major differences between the structures of model substrates and those of agricultural
residues. The structure and composition of agricultural residues is known to be complex. This
complex structural arrangement of agricultural residues makes them recalcitrant to enzymatic
hydrolysis. Therefore, a pre-treatment is a crucial step in the process of bioconversion of these
complex substrates. This is because pre-treatment is known to disrupt the physical and
chemical barriers that make native biomass recalcitrant and makes these complex substrates
more amenable to enzymatic hydrolysis. In this study, xylanase-FAE synergism was evaluated
during the enzymatic hydrolysis of untreated, hydrothermal pre-treated and dilute acid pre-
treated agricultural residues, namely, corn cobs (CC), rice straw (RS) and sugarcane bagasse

(SCB).

6.4.6. Release of XOS from agricultural residues by enzymatic hydrolysis

The enzymes were tested for their ability to release XOS (measured as reducing sugars) from
untreated and pre-treated agricultural residues. The protein loadings for all reaction mixtures
were kept at a total protein loading of 8 mg per g of substrate, and the enzyme mixture
consisting of xylanase and FAE in a 66:33% protein ratio was used for all combination
experiments. Unfortunately, incubations using XT6 (GH10 xylanase) did not generate any
XOS from the substrates tested. The limitation of xylanases from GH10 family on insoluble
substrates has been reported previously; studies show that larger xylanases have a slow
penetration into the cell wall matrix, which makes them less efficient in hydrolysing insoluble
xylan (Falck et al., 2014; Nordberg Karlsson et al., 2018). On the other hand, xylanases from
GH family 11 are known to have a smaller size compared to GH10 xylanases, and as a result,
can more easily penetrate the cell wall matrix which makes them more efficient against
insoluble substrates. The synergistic enzymatic hydrolysis of untreated and pre-treated

agricultural residues was then performed using Xynl1 and FAES or FAE6.

Figure 6.8 shows the production of reducing sugars after enzymatic hydrolysis of untreated
(A), hydrothermally pre-treated (B) and dilute acid pre-treated CC (C) by single enzymes or
combinations of these enzymes. The trend in the production of reducing sugars was similar in

all substrates, with the Xynl1 to FAE5/6 combinations releasing higher reducing sugars than
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those from the reaction mixture containing individual enzymes. The hydrolysis of untreated
CC with Xynl1 alone and a combination of Xynll and FAES or FAE6 produced reducing
sugars at concentrations of 0.94 mg/mL, 1.17 mg/mL, and 1.22 mg/mL, respectively (Figure
6.8A). It was clear that the hydrolysis of pre-treated CC with enzyme combinations resulted in
the release of more reducing sugars compared to the hydrolysis of untreated CC. The hydrolysis
of hydrothermally pre-treated CC with a combination of Xynl1 and FAES or FAEG6 released
reducing sugars at concentrations of 1.51 mg/mL, and 1.63 mg/mL, respectively (Figure 6.8B),
while the hydrolysis of dilute acid pre-treated CC with the same enzyme combination resulted
in reducing sugars of 1.59 mg/mL, and 1.66 mg/mL (Figure 6.8C). A dramatic decrease in
reducing sugars when Xynl1 was used alone on dilute acid pre-treated CC was also observed.
One likely explanation for this observation could be that the structural modifications of CC
caused by dilute acid pre-treatment method may have resulted in the accumulation of highly
feruloylated arabinoxylan. High levels of side-chain decoration along the arabinoxylan main
chain are more likely to impede binding of Xyn11 to the substrate. As mentioned previously,
side-chain decorations at the xylan backbone are generally less well tolerated by GHI11
xylanases. It has been shown the structures that remain after pre-treatment are heavily affected
by the method of pre-treatment. Some studies have been conducted on dilute acid pre-treated
corn fibre and dilute ammonia pre-treated corn stover and have shown that pre-treatment leads
to the generation of highly substituted xylan oligomers, many of which also contain acetyl and
feruloyl esters (Appeldoorn et al., 2013; Jonathan et al., 2017). Overall, the findings indicated
that FAES and FAEG6 played an important role in the synergistic hydrolysis of arabinoxylan
contained in CC samples. The effect of hydrothermal and dilute acid pre-treatment methods
was beneficial as the synergistic enzyme cocktails produced more reducing sugars from pre-

treated CC samples.
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Figure 6.8: Release of reducing sugars during hydrolysis of 1% (w/v) untreated (A),
hydrothermally pre-treated (B) and acid pre-treated corn cob (C) by individual enzymes
or a combination of 66% Xynl1l: 33% FAES or FAE6. Each data point represents the
average of triplicates + standard deviation. Statistical analysis was conducted using a t-test for
improvement of hydrolysis with respect to reducing sugar by the enzyme combinations

compared to single enzyme (Xynl1), key: * (p value < 0.05).

The xylanase-FAE synergism was further evaluated during the enzymatic hydrolysis of two
further complex substrates. The results for the release of reducing sugars from RS and SCB are

presented in Figures 6.9 and 6.10, respectively. Comparison of the quantities of the reducing
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sugars obtained after enzymatic hydrolysis of RS clearly showed that combinations of Xynl1

and FAES or FAEG6 resulted in higher production compared to single enzyme incubations
(Figure 6.9).
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Figure 6.9: Release of reducing sugars during hydrolysis of 1% (w/v) untreated (A),
hydrothermally pre-treated (B) and acid pre-treated rice straw (C) by individual enzymes
or a combination of 66% Xynl1l: 33% FAES or FAE6. Each data point represents the
average of triplicates + standard deviation. Statistical analysis was conducted using a t-test for
improvement of hydrolysis with respect to reducing sugar by the enzyme combinations

compared to single enzyme (Xynl1), key: * (p value < 0.05).
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Enzyme combinations appeared to release high quantities of reducing sugars from pre-treated
RS compared to untreated RS. However, this increase was not as pronounced as the one
observed for the hydrolysis of pre-treated CC. Furthermore, Xynl1 alone appeared to release
small quantities of reducing sugars from hydrothermally pre-treated RS (Figure 6.9B)
compared to untreated RS. This was similar to the pattern observed for the hydrolysis of dilute

acid pre-treated CC.

The synergistic effect of Xyn11: FAE5/6 was tested similarly on untreated and pre-treated SCB
(Figure 6.10). Again, enzyme combinations substantially facilitated an increase in reducing
sugars release compared to when Xynl1 was used alone. Surprisingly, the data indicated that
reducing sugars released from pre-treated SCB were less compared to untreated SCB. The
quantities of reducing sugars released from untreated SCB by Xyn11: FAES and Xynl1: FAE6
were 0.72 mg/mL and 0.70 mg/mL, respectively. The same enzyme combinations released
significantly lower quantities of reducing sugars from pre-treated SCB (less than 0.51 mg/mL).
This was quite unexpected, and it was contrary to the observations made on CC and RS samples
where hydrothermal and dilute acid pre-treatments appeared to significantly improve the
enzymatic release of reducing sugars. This might be attributed to the differences in structure
and chemical composition among these complex substrates. It has been shown that SCB
generally contains considerably higher lignin content than RS and CC (Sahare et al., 2012;
Sakdaronnarong et al., 2014). Therefore, it is possible that the impact of pre-treatment is
influenced by the chemical composition of complex substrates. These results showed that
production of high quantities of reducing sugars from untreated and pre-treated agricultural

residues (complex substrates) could be achieved by Xyn11-FAES5/6 synergism.
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Figure 6.10: Release of reducing sugars during hydrolysis of 1% (w/v) untreated (A),
hydrothermally pre-treated (B) and acid pre-treated sugarcane bagasse (C) by individual
enzymes or a combination of 66% Xyn11: 33% FAES or FAE6. Each data point represents
the average of triplicates + standard deviation. Statistical analysis was conducted using a t-test
for improvement of hydrolysis with respect to reducing sugar by the enzyme combinations

compared to single enzyme (Xynl1), key: * (p value < 0.05).

6.4.7. Determination of hydrolysate product profiles
In an attempt to further clarify the mechanisms behind the observed synergistic interactions

between Xynll and FAES or FAE6 on complex substrates, the hydrolysis product profiles
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generated by individual enzymes and enzyme combinations were also determined. The types
and relative abundances of XOS in the hydrolysates of untreated and pre-treated CC hydrolysed

by Xynl1 alone and combinations with FAEs are shown in Figure 6.11.

A B

Figure 6.11: Thin-layer chromatography analysis of hydrolysis of 1% (w/v) untreated
(A), hydrothermal pre-treated (B) and acid pre-treated corn cob (C) by (2) Xyn11 alone,
(3) a combination of 66% Xyn11: 33% FAES, and (4) a combination of 66% Xyn11: 33%
FAEG6. Substrate without enzyme was used as a control (1). A mixture of xylo-oligosaccharides
(X1-X6) was used as a standard (0). Arrows indicate the observed bands, albeit feint in some

instances.
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As mentioned previously, the dark-yellow coloured spots on the plates represent glycerol which
was used as a stabiliser during storage of the purified FAES and FAE6. The major hydrolysis
products generated from CC were xylobiose, which was a dominant product, and small
quantities of xylotetraose. The enzyme combinations (lane 3 and 4) appeared to generate more
xylobiose when compared to the reaction mixture containing only Xynl11 (lane 2), this pattern
was more pronounced for the hydrolysis of hydrothermal and dilute acid pre-treated CC as
shown in Figures 6.11B and 6.11C, respectively. These results also suggested that the
improvement in the release of reducing sugars observed in Figure 6.8 may result from the

generation of high quantities of xylobiose by the enzyme combinations.

Furthermore, the product profiles generated by Xyn11 alone and by the enzyme combinations
using RS and SCB were also determined, and the results are presented in Figures 6.12 and 6.13.
The hydrolytic products generated from untreated and pre-treated RS appeared to consist of
xylobiose, xylotetraose and trace amounts of xylopentaose (Figure 6.12). It was clear that the
combined action of Xynll and FAES or FAEG6 resulted in hydrolysis products with an
increased amount of xylobiose compared to when Xynl1 was employed alone. Furthermore,
the generation of xylobiose by the enzyme combinations was more pronounced for the pre-
treated RS (Figure 6.12B and 6.12C), this was similar to the results obtained from enzymatic
hydrolysis of CC (Figure 6.11). The hydrolysis product patterns obtained from SCB (Figure
6.13A-C) were similar to those of RS and CC, where xylobiose was a dominant product for
enzyme combinations. Unlike RS and CC, the hydrolysis of pre-treated SCB did not lead to an
improvement in relative abundance of XOS; this is consistent with the results observed during

the quantification of reducing sugars released from SCB (Figure 6.10).
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Figure 6.12: Thin-layer chromatography analysis of hydrolysis of 1% (w/v) untreated
(A), hydrothermal pre-treated (B) and acid pre-treated rice straw (C) by (2) Xyn11 alone,
(3) a combination of 66% Xyn11: 33% FAES, and (4) a combination of 66% Xyn11: 33%
FAEG6. Substrate without enzyme was used as a control (1). A mixture of xylo-oligosaccharides
(X1-X6) was used as a standard (0). Arrows indicatd the observed bands, albeit feint in some

instances.
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Figure 6.13: Thin-layer chromatography analysis of hydrolysis of 1% (w/v) untreated
(A), hydrothermal pre-treated (B) and acid pre-treated sugarcane bagasse (C) by (2)
Xynl11 alone, (3) a combination of 66% Xyn11: 33% FAES, and (4) a combination of 66%
Xynl11: 33% FAEG6. Substrate without enzyme was used as a control (1). A mixture of xylo-
oligosaccharides (X1-X6) was used as a standard (0). Arrows indicate the observed bands,

albeit feint in some instances.
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Overall, these results indicated that the Xyn11-FAES/6 synergism observed in the release of
reducing sugars from untreated and pre-treated agricultural residues is primarily associated
with the generation of high quantities of xylobiose. One likely explanation for this observation
could be that Xynl1 may cleave the xylan backbone found in these agricultural residues and
produce longer feruloylated XOS. The removal of FA by FAES or FAE6 from feruloylated
XOS is more likely to make them more accessible for further hydrolysis by Xynl1, yielding
shorter XOS (xylobiose).

In addition, the amounts of XOS released from untreated and pre-treated substrates were also
determined using HPLC-RID. This was to confirm the findings obtained from TLC analysis.
It should be noted that the HPLC-RID system used in this study could not quantify XOS
concentrations of less than 0.05 mg/mL. Unfortunately, it was not possible to compare XOS
generated from RS and SCB due to the fact that most of these XOS could not be quantified.
Therefore, only XOS generated from untreated and pre-treated CC were quantified, and the
data is presented in Figure 6.14. These results supported the observations made during TLC
analysis where Xynl1-FAES5/6 synergism led to a significant increase in the production of
xylobiose. The highest concentrations of xylobiose were generated from hydrothermally pre-
treated CC (0.28 mg/mL for Xyn11: FAES and 0.40 mg/mL for Xyn11: FAE6) and acid-treated
CC (0.34 mg/mL for Xynll: FAES and 0.43 mg/mL for Xynll: FAE6). Again, the data
indicated that the pre-treatment step substantially enhanced the enzymatic hydrolysis of CC. It
can be speculated that hydrothermal and dilute acid pre-treatment methods improved the
enzymatic release of XOS by increasing accessibility of arabinoxylan to the enzymes.
Arabinoxylan found in complex substrates is usually embedded in the lignocellulosic matrix
and therefore inaccessible to enzymatic hydrolysis. Based on all of the above results, it can be
concluded that the Xyn11-FAES5/6 synergism observed in the release of XOS during hydrolysis
of model substrates was also be observed during the enzymatic hydrolysis of untreated and pre-

treated complex substrates.
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Figure 6.14: Xylo-oligosaccharide content measured from the hydrolysis of 1% (w/v)
untreated (A), hydrothermal pre-treated (B) and acid pre-treated corn cob (C) after
incubation with Xyn11 alone or a combination of 66% Xyn11: 33% FAES or FAE6. Each
data point represents the average of triplicates + standard deviation. Statistical analysis was
conducted using a t-test for the improvement of hydrolysis with respect to xylo-oligosaccharide
(XOS) generation by the enzyme combinations, compared to the single enzyme (Xyn11), key:

* (p value < 0.05).
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6.4.8. Release of hydroxycinnamic acids from agricultural residues by enzymatic
hydrolysis

The findings from model substrate studies indicated that FAES and FAEG6 released FA from
the feruloylated XOS generated by the xylanases. The cleavage of FA from feruloylated XOS
was also shown to be the major mechanism behind the improvements seen in the production of
reducing sugars. It has been already established that the production of reducing sugars from
untreated and pre-treated agricultural residues is significantly enhanced by the synergistic
action of Xynl1 and FAES or FAE6. The improvements observed in the release of reducing
sugars is more likely to be as a result of cleavage of ester-linkages between hydroxycinnamic
acids and xylan found in these substrates. In this part of the study, the synergistic action of
Xynll and FAES or FAE6 was evaluated for the release of hydroxycinnamic acids from
untreated and pre-treated agricultural residues. The data presented below shows the release of
hydroxycinnamic acids (FA and p-CA) from CC and RS. The enzymatic hydrolysis of pre-
treated SCB did not show a significant increase in the amount of hydroxycinnamic acids
released compared to the control reaction containing only the substrate. This may be due to the
fact that Xyn11 generated very low quantities of XOS from pre-treated SCB (see Figure 6.10),
and this meant that there would be fewer short chain feruloylated XOS available for FAES and

FAES to cleave ester bonds and release hydroxycinnamic acids from.

The release of hydroxycinnamic acids from untreated, hydrothermal pre-treated and dilute acid
pre-treated CC is shown in Figure 6.15. In the case of untreated CC, the results indicated that
the amounts of FA and p-CA released were enhanced after the enzymatic hydrolysis with
enzyme combinations compared to when single enzymes (FAES or FAE6) were used (Figure
6.15A). This significant increase in the release of FA and p-CA by enzyme combinations is an
indication of the cleavage of ester bonds between hydroxycinnamic acids and short chain XOS
generated by Xynll. With respect to pre-treated CC substrates, the amount of
hydroxycinnamic acids released (without enzymatic hydrolysis) was obviously enhanced
(Figure 6.15B and C). This could be attributed to the disruption of the complex architecture of
lignocellulose during the pre-treatment step. Hydroxycinnamic acids, most especially FA, are
well known for their ability to cross-link cell wall polymers by ester-linking to the arabinosyl
residue of arabinoxylan and ether-linking with lignin (Oliveira et al., 2019). Although pre-
treated CC samples showed increased amounts of readily soluble FA and p-CA in the substrate
controls, the enzyme combinations were still able to release considerable higher quantities

compared to the reaction mixtures with single enzymes. It was clear that only Xynl1: FAE6

111



could significantly improve the release of FA from both pre-treated samples while both Xyn11:
FAES and Xynl11: FAEG6 could release comparable quantities of p-CA (Figures 6.15B and C).
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Figure 6.15: Release of p-coumaric (p-CA) and ferulic acid (FA) during the degradation
of 1% (w/v) untreated (A), hydrothermal pre-treated (B) and dilute acid pre-treated corn
cob (C) by individual enzymes or a combination of 66% Xyn11: 33% FAES or FAEG6.
“Sub” represents the substrate control. Each data point represents the average of triplicates +
standard deviation. Statistical analysis was conducted using a t-test for improvement of p-

coumaric or ferulic acid release by the enzyme combinations compared to the single enzymes

(FAES/6), key: * (p value < 0.05).
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A similar pattern was observed for the hydrolysis of RS where higher concentrations of FA and

p-CA were released by the enzyme combinations, see Figure 6.16 below.
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Figure 6.16: Release of p-coumaric (p-CA) and ferulic acid (FA) during the degradation
of 1% (w/v) untreated (A), hydrothermal pre-treated (B) and dilute acid pre-treated rice
straw (C) by individual enzymes or a combination of 66% Xynl11: 33% FAES or FAEG6.
“Sub” represents the substrate control. Each data point represents the average of triplicates +
standard deviation. Statistical analysis was conducted using a t-test for improvement of p-

coumaric or ferulic acid release by the enzyme combinations compared to single enzyme

(FAES/6), key: * (p value < 0.05).
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Only a combination of Xynl11: FAE6 released more FA from untreated RS (Figure 6.16A). The
results showed that pre-treatment of RS resulted in an improvement in the enzymatic release
of FA and p-CA (Figures 6.16B and C). For hydrothermal pre-treated RS (Figure 6.16B), the
combination of Xynl1 and FAES or FAEG6 significantly improved the release of FA from 1.59
png/mL and 1.64 pg/mL (single enzyme) to 3.55 pg/mL and 3.51 pg/mL, respectively. In the
case of p-CA release, Xynll: FAES and Xynl1: FAEG6 resulted in 2.12-fold and 2.96-fold
improvement, respectively. For dilute acid pre-treated RS, a more pronounced improvement
was observed for the release of FA where Xynl1: FAES and Xynl1: FAE6 exhibited 3.35-fold
and 1.55-fold increment, respectively. These results clearly indicated that FAES and FAEG6
acted synergistically with Xynl1 in the production of FA and p-CA from untreated and pre-
treated CC and RS substrates.

Even though FAE-Xynll synergism resulted in improvements in the release of
hydroxycinnamic acids from complex substrates, the yields obtained were much less (not more
than 10%) when compared to release efficiencies (more than 60%) reported by some studies in
the literature (Wu et al., 2012; Wu et al., 2017; Long et al., 2020). One likely explanation could
be that Xynll generated fewer short chain XOS substituted with hydroxycinnamic acids
(preferred substrates for FAES and FAEG6). Once again, the data from the hydrolysis of model
substrates indicated that the main factor by which xylanases contribute to enhancing FAES and
FAESG activity is by generating short chain feruloylated XOS with less steric hindrance. The
data from the hydrolysis of model substrates also indicated that FAES and FAEG6 released much
higher quantities of FA from XOS produced by GH10 xylanase than those produced by the
action of the GH11 xylanase. As mentioned previously, the GH10 xylanase could not hydrolyse
untreated and pre-treated complex substrates and it was not possible to evaluate its synergistic
action for the release of hydroxycinnamic acids from these substrates. This is also an indication
that the choice of enzymes and substrates is a key factor in the formulation of efficient enzyme

cocktails.
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6.4.9. HPLC-MS/MS confirmation of FA and p-CA released from agricultural residues

An attempt was made to confirm the hydroxycinnamic acids released from the complex
substrates with HPLC-MS/MS analysis. The analysis was performed on the untreated RS and
CC substrates and the separation profiles and fragmentation patterns of the hydrolysis products
were similar for both substrates. The extracted ion chromatogram and mass spectra of FA/p-
CA shown below were obtained during the enzymatic hydrolysis of untreated RS by a
combination of Xynll and FAE6 (see Figures 6.17 and 6.18). The analysis was carried out
with negative ionisation because FA and p-CA are able to lose a proton to yield negative ions
[M-H]". Surprisingly, spectra acquired from FA (Figure 6.17B) and p-CA (Figure 6.18B)
showed major ions at m/z =195.05 and m/z =165.06 corresponding to the protonated [M+H]"
masses of FA and p-CA, respectively. This was quite unexpected, since negative ionisation of
FA and p-CA is supposed to yield negative ions at m/z =193 and m/z =163, respectively. The
fragmentation patterns of both compounds resulted in the formation of a fragment m/z=131.07,
corresponding to a phenolic derivative of cinnamic acid. This fragment is likely to represent
the loss of [OH] ions from p-CA and loss of [OH] and [OCH3] ions from FA. Based on this
HPLC-MS/MS analysis and chromatograms obtained from the HPLC analysis, it can be
concluded that hydroxycinnamic acids were generated from complex substrates during the

synergistic cooperation of FAEs and xylanase.
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Figure 6.17: HPLC-MS/MS analysis of ferulic acid released during hydrolysis of 1%
(w/v) untreated rice straw by a combination of 66% Xyn11: 33% FAEG6. (A) Extracted-ion
chromatogram (XIC) for released ferulic acid. (B) Mass spectrum of ferulic acid corresponding

to the peak observed on XIC.
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Figure 6.18: HPLC-MS/MS analysis of p-coumaric acid released during hydrolysis of 1%
(w/v) untreated rice straw by a combination of 66% Xyn11: 33% FAEG6. (A) Extracted-ion
chromatogram (XIC) for released p-coumaric acid. (B) Mass spectrum of p-coumaric acid

corresponding to the peak observed on XIC.
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6.5. Conclusion

This study, for the first time, evaluated the synergistic interactions between two novel
metagenome-derived FAEs and commercial xylanases for the co-production of XOS and
hydroxycinnamic acids from various substrates. This was performed by first establishing the
optimal protein loading ratios of FAE to xylanase through the quantification of FA and XOS
release during the degradation of model substrates. The optimised enzyme combination
consisted of 66% xylanase to 33% FAE (protein loading). A comparative study was conducted
to determine the effect of adding two different families of xylanases to FAEs. The findings
indicated that the FAEs, especially FAES, liberated FA from WAX more efficiently when a
GHI10 xylanase was added rather than in the presence of a GH11 xylanase. On the other hand,
both FAES and FAE6 enzymes were capable of significantly improving the performance of a
GH11 xylanase for the production of reducing sugars. This would suggest that a GH10 xylanase
is more useful than the GH11 xylanase for the release of FA, while the opposite is required for
the optimal release of XOS. These findings make it evident that the synergistic interactions of
xylanases with FAE5 or FAE6 are dependent on the mode of action of xylanases. The
optimised enzyme combinations were also tested on untreated, hydrothermal pre-treated and
dilute acid pre-treated agricultural residues. Again, the synergistic cooperation of a GHI1
xylanase and FAEs could significantly promote the production of reducing sugars.
Hydrothermal and dilute acid pre-treatment, especially of CC and RS, substantially enhanced
the production of reducing sugars by the enzyme combinations. This study demonstrated that
the efficient production of hydroxycinnamic acids and XOS from various substrates can be

achieved through the synergistic action of FAES or FAE6 and xylanases.
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Chapter 7: General discussion, conclusions, and future
recommendations

7.1. General discussion and conclusions

Agricultural residues represent an enormous underutilised bioresource, which has great
potential for use as a low-cost feedstock for the production of renewable energy and VAPs.
Globally, agricultural residues such as CC, RS and SCB are produced in million tonnes per
annum. RS is generated in large quantities worldwide, and it has been estimated that about 731-
900 million tons of RS are produced each year (Tye et al., 2016). SCB is the major by-product
of the sugar cane industry, and its production is estimated at a global yield of up to 540 million
metric tons per year (Bezerra and Ragauskas, 2016). It has also been reported that corn
production has reached a global yield of over 800 million tons (Ranum et al., 2014). This makes

CC, a by-product of corn, one of the most abundant and attractive agricultural residues.

Given that agricultural residues are abundant and cheap, their exploitation has attracted
considerable attention, and extensive research has focused on developing environmentally
friendly methods of utilising these residues. In the context of sustainable processing, the
application of enzymes has long been considered the most viable strategy for the production of
VAPs. However, the efficient enzymatic hydrolysis of these materials presents a significant
challenge, primarily due to their structural complexity and heterogeneity. To obtain high
product yields, several enzymes working synergistically are required to facilitate efficient
enzymatic hydrolysis. This has led to extensive research in the discovery of enzymes with new
properties, and formulation of synergistic enzyme cocktails for the efficient conversion of
agricultural residues into VAPs. This study evaluated the synergistic interactions between two
novel metagenome-derived FAEs and commercially available xylanases for the production of
hydroxycinnamic acids and XOS (i.e. industrially relevant chemicals) from untreated and pre-

treated agricultural residues.

The metagenomic approach has been used to identify novel FAEs from hindgut prokaryotic
symbionts of a termite (7. trinervoides) and six novel FAE genes have been discovered
(Rashamuse et al., 2014). The functional screening and biochemical characterisation of
recombinant FAEs (expressed in an E. coli expression system) were also investigated, but the
application of these enzymes in lignocellulosic biomass degradation has not yet been explored.
In this study, the potential application of two of these newly discovered FAEs in the enzymatic

hydrolysis of lignocellulosic biomass was investigated. Firstly, it was important to produce
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FAES and FAES in sufficient yields for use in subsequent application studies. The recombinant
FAES and FAE6 enzymes were successfully overexpressed in an E. coli expression system in
a soluble form and purified using His-tag affinity chromatography. SDS-PAGE analysis of
recombinant FAES and FAEG6 indicated that proteins were pure with molecular weights of
about 30 kDa and 60 kDa, respectively. Reports on most well characterised FAEs show that
the molecular weights of these proteins generally range from 25 to 70 kDa (Nieter et al., 2016;
Wong et al., 2019; Antonopoulou et al., 2019). The molecular weights of the expressed
recombinant FAEs are well within this range. In addition, the recombinant FAEs were purified
to homogeneity and both enzymes appeared to be in their active form. The specific activities
of purified FAES5 and FAEG6 (28.36 and 27.34 U/mg protein, respectively) were comparable to
those of the previous study investigating the specific activities of the same enzymes
(Rashamuse et al., 2014). Based on the purity and yields obtained, the recombinant FAEs were
deemed suitable for use in activity assays and in the formulation of synergistic enzyme

cocktails for the efficient hydrolysis of lignocellulosic biomass.

FAEs are part of the enzyme complex that acts collectively to efficiently hydrolyse heteroxylan
to industrially relevant compounds such as XOS and hydroxycinnamic acids (Malgas et al.,
2019). The biochemical properties of these enzymes have a significant impact on the
bioconversion of heteroxylan. As such, it is important to understand the factors that influence
the activities of an individual enzyme. Information regarding the conditions required for
optimal enzyme activity is key in developing synergistic enzyme cocktails. The recombinant
FAEs were partially characterised along, with two selected commercially available xylanases
(XT6 and Xynll). Based on physico-chemical properties, the findings indicated that the
optimal operating conditions for recombinant FAEs were pH 7.0 and a temperature of 40°C.
The majority of known FAEs reported in literature show optimal activity in a temperature range
of 30 - 60°C (Oliveira et al. 2019). Xynl1 and XT6 both exhibited activity at a broad pH
optimum range, retaining high levels of their activities between pH 6.0 and 9.0. The
temperature optima for Xynl1l and XT6 were much higher compared to the FAEs, but the
enzymes still maintained appreciable levels of activities around 40°C. In addition, the enzymes
showed tolerance against the major products that are usually generated from the enzymatic
hydrolysis of heteroxylan. The data obtained thus provided a better understanding of the factors
that influenced the activities of selected enzymes and allowed the selection of appropriate
operating conditions for the synergistic enzymatic hydrolysis of heteroxylan contained in

complex substrates.
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Prior to enzymatic hydrolysis, pre-treatment of lignocellulosic biomass is required for efficient
bioconversion. Pre-treatment is known to enhance the susceptibility of lignocellulosic biomass
to enzymatic hydrolysis, by removing the hindrance caused by strong associations between
plant cell wall components (Kumari and Singh, 2018). In this study, three complex substrates
(CC, RS and SCB) were subjected to two pre-treatment strategies - hydrothermal and dilute
sulfuric acid pre-treatment. Because most severe pre-treatment conditions are known to easily
solubilise the hemicellulosic fraction of lignocellulosic biomass (Nitsos et al., 2013; Jiang et
al., 2018), an extremely low thermo-chemical pre-treatment severity was employed. This was
done to ensure that the hemicellulose contents were preserved in the solid fraction while
retaining the capacity of pre-treatment to enhance the subsequent enzymatic hydrolysis of the
biomass. The data obtained from composition analysis of untreated and pre-treated samples
indicated that the majority of xylan content was maintained in pre-treated samples. However,
the xylan content of CC was surprisingly lower than the values reported in other studies (28%)
(Da Silva et al., 2015). The variation in chemical composition may be attributed to a plant’s
genotype, the time taken for the crop to mature, climatic effects, or other causes. The data also
showed that the hydroxycinnamic content in pre-treated samples was not significantly different
compared to that in the untreated samples. Furthermore, the FTIR spectra of the untreated
samples and pre-treated samples were compared. The findings revealed that the intensities of
bands (1730 and 1240 cm™) which are mainly attributed to the hemicellulose component were
relatively similar in all samples, indicating that the hemicellulosic fraction was retained in the
pre-treated solids. The efficiency of the pre-treatments was then evaluated by studying changes
in the microscopic surfaces of untreated and pre-treated samples through SEM analysis.
Changes in the surface morphology due to pre-treatment were observed and these are
associated with increased surface area of pre-treated samples. The presence of such structural
changes was an indication that the pre-treatments were more likely to enhance the enzyme

hydrolysis of the pre-treated samples.

A pre-treatment step is necessary for achieving the highly efficient bioconversion of
lignocellulosic biomass into VAPs. However, a side effect of pre-treatment is the formation of
lignocellulose-derived by-products which could potentially affect enzymes. Therefore, it was
important to evaluate the inhibitory effects of individual known pre-treatment by-products on
the activities of FAES and FAEG6, because these enzymes have never been applied to the
enzymatic hydrolysis of pre-treated substrates. This study revealed that FAEs were not

significantly affected by the presence of sugar degradation products (furfural and HMF). On
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the other hand, lignin and its degradation products appeared to inhibit the enzymes in a
concentration dependent manner. There is very little information available on the inhibition of
FAEs by pre-treatment by-products. Information on the inhibitory effects of lignin degradation
products is mostly available for cellulases, xylanases and mannanolytic enzymes (de Souza
Moreira et al., 2013; Mhlongo et al., 2015; Malgas et al., 2016, Mathibe et al., 2020). In order
to gain a better understanding of the interactions between lignin degradation products and
FAEs, the mode of inhibition was assessed by determining the enzymatic inhibition parameters.
The data showed that the mode of inhibition displayed by lignin and vanillin was mixed in
nature. Mixed inhibition is reported to occur when an inhibitor binds to both the free enzyme
and the enzyme-substrate complex, but with greater affinity for one state. In this case, it appears
as if both inhibitors may favour the free enzyme because the Ky, values of FAEs increased with
concentration of inhibitors. It is likely that the manner of inhibition reflects non-productive
binding of FAES and FAEG6 on to these compounds. The non-productive binding of enzymes
onto lignin has been reported as the main mechanism behind interactions between enzymes and
lignin (dos Santos et al., 2019). This implies that the inhibitory effect of these compounds may
be limited by a lignin-blocking agent such as BSA. Following the evaluation of inhibitory
properties of individual pre-treatment by-products, the effects of wash liquors from pre-treated
agricultural residues were also determined. The results indicated that the selected enzymes
were not significantly affected by wash liquors generated from all three pre-treated agricultural
residues. This was expected, because the low thermo-chemical pre-treatment severity used in
this study was unlikely to generate high concentrations of pre-treatment by-products. In
addition, all the pre-treated samples were subsequently washed with water which may have
removed the majority of water-soluble inhibitors. Overall, the obtained data provided a better
understanding of the interactions between FAEs and the pre-treatment by-products this may
potentially contribute towards the development of improved strategies to limit the inhibitory

effects of lignin and its degradation products.

In order to study the synergistic interactions between recombinant FAEs and xylanases on
untreated and pre-treated complex substrates, the enzymes were first tested for their ability to
release FA and XOS from model substrates. WAX is a well-known model substrate and several
studies have reported that the xylanases can cooperate with FAEs to enhance the quantities of
FA and XOS released from this substrate (Dilokpimol et al., 2017; Makela et al., 2018; Wang
et al., 2020). The present study demonstrated that recombinant FAES and FAEG6 could release

FA from WAX only in the presence of a xylanase. This would suggest that the main mechanism
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by which xylanase contributes to FA production is by generating short chain feruloylated XOS,
which are preferred substrates for the recombinant FAEs. An enzyme combination of 66%
xylanase and 33% FAE produced the highest amount of FA and it was selected as the optimum

protein loading ratio for subsequent synergy studies.

Following optimisation of the FAE-xylanase enzyme cocktail, a comparative study was
conducted in order to determine the effect of adding two different families of xylanases to the
recombinant FAEs. Various studies have shown that GHI0 and GHI11 xylanases differ
considerably in their catalytic mechanisms on heteroxylan (Pags et al., 2012; Biely et al., 2016;
Gong et al., 2016). Therefore, adding these two different families of xylanases may provide a
better interpretation of the synergistic interactions between recombinant FAEs and xylanases.
The results indicated that the GH10 xylanase performed better with both FAES5 and FAE6 in
releasing FA, compared to the GH11 xylanase. FAES and FAEG6 released FA 9.03-fold and
2.31-fold more efficiently in the presence of GH10 xylanase, than when GH11 xylanase was
added. Wong and co-workers (2013) have also evaluated the effect of adding two different
families of xylanases to RuFae2 and demonstrated that RuFae2 worked more effectively with
a GH10 xylanase in generating FA from WAX. The advantage of using GH10 xylanase in the
release of FA could be attributed to its ability to tolerate side decorations on the xylan main
chain, producing short feruloylated XOS, which are preferred substrates for FAEs. The amount
of XOS released from WAX by enzyme combinations was also measured. The data indicated
that both FAES and FAEG6 substantially improved the release of XOS by the GH11 xylanase,
but did not significantly affect the activity of the GH10 xylanase. This was expected because
GHI11 xylanases are known to prefer less decorated regions of the xylan main chain, therefore,
removal of FA by FAEs may have improved the accessibility of GH11 xylanase to XOS for
further hydrolysis. This study demonstrated that recombinant FAE5 and FAE6 could act
synergistically with xylanases in the co-production of FA and XOS from WAX. The findings
also highlighted the importance of considering different xylanase families when evaluating

synergism between FAEs and xylanases.

The conversion of xylan, the most abundant type of hemicellulose, into VAPs by enzymatic
means has emerged as the most prominent technology for the use of a variety of underutilised
agricultural residues (Samanta et al., 2015; Poletto et al., 2020). As mentioned previously, the
efficient enzymatic hydrolysis of heteroxylan in complex substrates requires the synergistic
action of xylanolytic enzymes. In the present study, FAE-xylanase enzyme cocktails developed

during the hydrolysis of model substrates were tested for their ability to release XOS and
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hydroxycinnamic acids from untreated and pre-treated agricultural resides (CC, RS and SCB).
Only GHI11 xylanase (Xynll) was used on agricultural residues because GH10 xylanase
displayed extremely poor catalytic activity towards these substrates. It has been reported that
GH10 xylanases have higher molecular weights, which limit their ability to penetrate the cell
wall matrix, making them less efficient in degrading insoluble xylan (Falck et al., 2014). From
the reducing sugar data obtained, two observations about these enzyme cocktails were made:
Firstly, enzyme combinations of Xynl1 and FAES or FAEG6 substantially facilitated an increase
in the release of reducing sugars from all the substrates, compared to when Xynl1 was used
alone. Secondly, both the hydrothermal and dilute acid pre-treatment strategies enhanced the
enzymatic hydrolysis of CC and RS, but not SCB. It can be speculated that the variation in
enzymatic hydrolysis of pre-treated substrates may be due to compositional and structural
differences. It has been reported that CC contains a high percentage of cellulose (35-45.6%),
hemicellulose (36.9-40%) and low lignin content (5-20%) (Boonchuay et al., 2014; Brar et al.,
2016). On the other hand, SCB is generally known for containing significantly high lignin
content (29.1%) (Sakdaronnarong et al., 2014). Lignin is a crucial barrier of glycosyl hydrolase
accessibility toward polysaccharides in lignocellulosic biomass. Therefore, it is possible that
pre-treatments were more effective on those substrates which contained less lignin.
Furthermore, the mechanism of synergism was examined by analysing the hydrolysis products
of Xynl1 and associated enzyme combinations. The data revealed that enzyme combinations
of Xynl1 with FAES or FAEG6 released XOS with a low DP (DP 4-6 and mainly xylobiose)
from untreated and pre-treated samples. The high yield of xylobiose produced by the enzyme
combinations is an indication that cleavage of hydroxycinnamic acids by FAEs allows further
hydrolysis of longer XOS by Xynl1. The capacity of the FAE-xylanase enzyme cocktail to
specifically generate XOS with a low DP from agricultural residues is very attractive for
several biotechnological applications, because low DP XOS are known for their prebiotic

properties (Singh et al., 2018; Amorim et al., 2019).

The release of hydroxycinnamic acids from untreated and pre-treated agricultural residues by
the cooperative action of Xynl1 and FAES or FAE6 was also investigated. The data indicated
that only small fraction of FA and p-CA could be recovered from the substrates by enzymatic
hydrolysis. There are a number of likely explanations for this low efficiency of the FAE-
xylanase cocktail for the release of FA and p-CA. Firstly, the results from the enzymatic
hydrolysis of model substrates clearly demonstrated that FAES and FAEG6 can only cleave ester
linkages from XOS generated by xylanases but not from the xylan polymer. The inability of

124



Xynl1 to act on a substituted xylan main chain would result in XOS with a small number of
ester linkages for FAEs to cleave. This, in turn, would lead to the production of low yields of
hydroxycinnamic acids. Secondly, hydroxycinnamic acids, particularly FA, are usually found
esterified to polysaccharides and also in ether-linkages with lignin or dimerized with other
hydroxycinnamic acids (Oliveira et al., 2019). FAEs are known for specifically catalysing the
hydrolysis ester bonds between FA and polysaccharides, but not the ether-linkages. The
presence of ether-linkages is likely to be an additional restriction to the release of
hydroxycinnamic acids. Even though the quantities of FA and p-CA released from untreated
and pre-treated residues were relatively small, the action of FAEs was still able to substantially

enhance the activity of Xynl1 for the production of XOS.

In conclusion, the findings from this study demonstrated that the co-production of
hydroxycinnamic acids and XOS from various xylan-rich substrates can be achieved, based on
the synergistic associations that exist between novel termite metagenome-derived FAEs and
commercially available xylanases. This work paves the way towards the development of
synergistic enzyme cocktails, with higher performance, for the efficient production of VAPs

from lignocellulosic materials.

7.2. Future recommendations

In this study, an enzyme cocktail composed of recombinant FAEs and xylanases, was
developed, and the synergistic mechanism by which these enzymes promote the hydrolysis of
heteroxylan, was elucidated. Information generated in the present study lays the foundation for
future studies for a better understanding of the cooperative manner between these enzymes.
Some future recommendations for addressing some of the challenges encountered in this study

are suggested below:

7.2.1. It was demonstrated that lignin and its degradation products have potential inhibitory
effects on of the activities of the recombinant FAEs. The precise mechanisms of inhibition of
these compounds on the two FAE enzymes are still unclear. In addition to kinetic parameters,
bioinformatic modelling and circular dichroism (CD) spectroscopy could be used to assess the
influence of lignin and its degradation products on the two-dimensional structure of FAEs and
provide useful insights into the mode of inhibition. This information would be useful for the
development of strategies for minimising the effects of these compounds on enzymes during

the degradation of pre-treated complex substrates.
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7.2.2. This study noted that both recombinant FAEs could only release FA from feruloylated
XOS generated by xylanases. Understanding the preferred substrate size for FAEs would be
beneficial in better understanding the influence of substrate characteristics on these enzymes.
This could be conducted by generating feruloylated XOS of varying DP using xylanases, and
purifying them using methods such as column chromatography. Characterisation of purified
XOS and FAE end reaction products could be performed using HPLC-MS analysis and nuclear

magnetic resonance (NMR) spectroscopy.

7.2.3. This study also demonstrated that FAE-xylanase enzyme cocktails could be applied for
the hydrolysis of arabinoxylan in complex substrates. There is still room for improving the
yields of products generated from these substrates. High product yields can be increased by
following a bioconversion process that involves extraction of arabinoxylan, followed by
synergistic enzymatic hydrolysis. This approach is likely to generate high quantities of
hydroxycinnamic acids and XOS. This could then allow for the assessment of potential

antioxidant properties of hydroxycinnamic acids and prebiotic properties of XOS.
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Appendices

Appendix A: Reagents list and suppliers

Acetonitrile

Acrylamide

Ammonium persulphate
Bovine serum albumin (BSA)
Bradford reagent

Bromophenol blue

Coomassie Brilliant Blue R250

p-Coumaric acid

3,5-Dinitrosalicylic acid

Di-sodium hydrogen orthophosphate

Ethanol

Ethyl ferulate
Ferulic acid
Formic acid
Glacial acetic acid
p-Glucose
Glucose assay kit
Glycerol

Glycine
Imidazole

IPTG

Kanamycin (Monosulphate)

Lysozyme

Merck (Cat. No. 1.00030)
Sigma (Cat. No. A8887)
Sigma Aldrich (Cat. No. A3678)
Sigma (Cat. No. A7906)

Sigma (Cat. No. B6916)

Sigma (Cat. No. B8026)

Merck (Cat. No. 1.12553)
Sigma (Cat. No. C9008)

Sigma (Cat No. D0550)
Saarchem (Cat. No. 5822860)
Merck (Cat. No. 8.18700)
Sigma (Cat. No. 320617)
Sigma (Cat. No. 128708)
Merck (Cat. No. UN1779)
Merck (Cat. No. 1.00063)
Saarchem (Cat. No. 2676020)
Megazyme (Cat. No. K-GLUC)
Saarchem (Cat. No. 2676520)
Merck (Cat. No. 1.04169)
Merck (Cat. No. 1.04716)
Calbiochem (Cat. No. 420322)
Melford (Cat. No. K0126)

Sigma (Cat. No. 62971)
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2-mercaptoethanol

Methanol

N,N,N’,N’-tetramethylethylene diamine

p-Nitrophenol
p-Nitrophenol-acetate

PageRuler™ prestained protein ladder
Phloroglucinol

Phosphoric acid

Sodium carbonate

Sodium chloride

Sodium dodecyl sulphate (SDS)
Sodium hydroxide

Sodium metabisulfite

Sodium Potassium tartrate

Sulphuric acid

Tris (hydroxymethyl) aminomethane
p-Xylose

Xylose assay kit

Fluka (Cat. No. 63700)

Merck (Cat. No. 8.22283)

Sigma (Cat. No. T22500)

Sigma (Cat. No. 42,575-3)

Sigma (Cat. No. N8130)

Thermo Scientific (Cat. No. 26616)
Sigma (Cat. No. P3502)

Sigma (Cat. No. P6560)

Merck (Cat. No. 1.06392.0500)
Saarchem (Cat. No. 5822320)
BDH biochemicals (Cat. No. 301754)
Saarchem (Cat. No. 5823200)
Sigma (Cat. No. 255556)
Merck (Cat. No. 1.08087)
Sigma (Cat. No. 30743)
Merck (Cat. No. 1.08382)
Sigma (Cat. No. X3877)

Megazyme (Cat. No. K-XYLOSE)
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Appendix B: Standard curves

B. 1. Protein standard curve
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Figure B. 1.1: Protein standard curve generated using the Bradford protein assay using
various concentrations of BSA. All the readings were performed in triplicate. Values are

represented as means + SD.

B. 2. DNS assay
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Figure B. 2.1: Xylose standard curve generated using the DNS assay. All the readings

were performed in triplicate. Values are represented as means + SD.
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Figure B. 2.2: Glucose standard curve generated using the DNS assay. All the readings

were performed in triplicate. Values are represented as means + SD.

B. 3. Enzyme activity curve
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Figure B. 3.1: p-nitrophenol standard curve. All the readings were performed in

triplicate. Values are represented as means + SD.
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B. 4. Sugar assay kit
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Figure B. 4.1: Glucose standard curve using Megazyme™ Kit for glucose determination
(K-GLUC). All the readings were performed in triplicate. Values are represented as

means = SD.
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Figure B. 4.2: Arabinose standard curve using Megazyme™ Kkit for arabinose
determination (K-ARGA). All the readings were performed in triplicate. Values are

represented as means + SD.
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Figure B. 4.3: Xylose standard curve using Megazyme™ Kit for xylose determination (K-
XYLOSE). All the readings were performed in triplicate. Values are represented as

means = SD.

B. 5. HPLC analysis
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Figure B. 5.1: Ferulic acid standard curve generated using HLPC- UV analysis. All the

readings were performed in triplicate. Values are represented as means £ SD.
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Figure B. 5.2: p-Coumaric acid standard curve generated using HLPC- UV analysis. All

the readings were performed in triplicate. Values are represented as means = SD.
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Appendix C: Chromatograms from HPLC-UV/RID analysis

Figure C. 1.1: HPLC-RID chromatogram of separation of XOS standards (0.4 mg/mL,
injected 20 pL). X1 — Xylose; X2 — Xylobiose; X3 — Xylotriose; X4 — Xylotetraose; X5 —
Xylopentaose; X6 — Xylohexaose. The chromatographic separation was carried out on a

CarboSep CHO411 column.

Figure C. 1.2: HPLC-UV chromatogram of ferulic acid standard (0.04 mM, injected 10
pL). The chromatographic separation was carried on a Phenomenex® C18 5 pm (150 x

4.6 mm) LC column.
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Figure C. 1.3: HPLC-UV chromatogram of p-coumaric acid standard (0.04 mM, injected
10 pL). The chromatographic separation was carried out on Phenomenex® C18 5 pm

(150 x 4.6 mm) LC column.
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